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Highlights

e Cryogenic preservation (—80 °C, glycerol) was used to preserve the structural integrity of the
PFAS-impacted environmental microbiomes (Soil and Sediment) over a twelve-month storage
period.

e Microbial vitality and functional activity were assessed at four time points during preservation:
TO (pre-storage), T1 (3 months), T2 (8 months), and T3 (12 months), showing progressive
changes over time

e DNA barcoding analysis revealed that the core community structure remained stable
throughout the preservation period in both soil and sediment matrices, with no observable
changes related to storage time; however, soil samples displayed higher heterogeneity than
sediment samples.

e DNA barcoding analysis revealed that bacterial communities were consistently dominated by
Proteobacteria, Bacteroidota, and Actinobacteriota, while fungal communities were
characterized by the high prevalence of Sordariomycetes, Agaricomycetes, and Leotiomycetes.

e New microbiomes were obtained after enrichment cultures from matrices stored at different
time points, and the differences among these new microbiomes were more evident in soil than
in sediment.

e Microbiomes obtained from enrichment cultures were tested for PFOA and PFHxS
degradation, but no significant degradation was observed.

e Isolates from enrichment cultures were identified via partial 16S rRNA and ITS sequencing;
despite temporal changes, Pseudomonas, Flavobacterium, Microbacterium, Brucella,
Brevundimonas, and Rhodanobacter remained prominent among bacterial genera, while
Galactomyces, Trichosporon, Candida, Geotrichum, and Fusarium dominated fungal
communities.

e Only three isolates (Brevundimonas sp. 9T2SB, Sphingobacterium sp. ST3SA, and Candida
sp. 4T2SB) demonstrated co-metabolic defluorination of fluoxetine, indicating potential for
transformation of less recalcitrant fluorinated compounds.

e The study highlights the importance of preserving intact microbiomes and the challenges
associated with PFAS biodegradation.

Abstract

Poly- and perfluoroalkyl substances (PFASs) are persistent, bio accumulative, and toxic
environmental pollutants that adversely affect ecosystems and human health. Traditional
physicochemical approaches such as filtration and adsorption (e.g., activated carbon) commonly
involve high costs, substantial energy inputs, and secondary environmental pollution, including
the release of shorter-chain PFAS. Bioremediation is therefore increasingly explored as a
promising and sustainable alternative. Several studies have evidenced that contaminants'
transformation may be driven by community-level processes where inter-species interactions play
a central role. However, most of the literature is focused on the study of isolated microbial strains
on these contaminants and studies focusing on complex environmental microbiomes remain
scarce, particularly when considering their functional dynamics. This reinforces the importance of
studying natural microbiomes to understand their structural and functional dynamics.



This study aimed to investigate the preservation, propagation, and utilization of environmental
PFAS-impacted microbiomes for their potential exploitation in bioremediation protocols.
Furthermore, to support this work, methodological standardization was addressed by developing
and validating Standard Operating Procedures (SOPs) of sampling and DNA extraction. The
interlaboratory validation revealed good reproducibility and consistency of the research units, and
no significant differences in the microbial diversity, community structure, and taxonomic
composition were found among the samples.

For this study, soil (Soil) and sediment (Sed) matrices were obtained from two sites in the Vicenza
Province (Veneto, Italy). These sites have been affected by PFAS contamination resulting from
industrial wastewater release. Chemical analysis revealed that sediment was more contaminated
(17,700 ng kg™") than soil (5,370 ng kg™"), with a dominance of PFOS and PFSA in sediment, and
PFOA in soil samples. Samples were cryopreserved (with 30% v/w glycerol) at -80 °C and
preservation impacts were assessed at four time points: TO (pre storage), T1 (3 months storage),
T2 (8 months storage), and T3 (12 months storage). The effect of storage on microbiomes was
analyzed through either culture-dependent or -independent methods such as total microbial counts,
Biolog EcoPlate analysis, and DNA metabarcoding.

These analyses were performed to study microbial viability, metabolic activity, and community
structure shifts at DNA level during preservation. Results showed that bacterial counts were stable
up to T2 (8 months) in both matrices followed by a decrease in viable counts at T3 (12 months)
particularly in Soil. Fungi showed no change in viability during the preservation process in
sediment, but a slight decrease was observed after 12 months in soil. Biolog analysis showed that
soil had a higher initial metabolic activity than sediment, and a clear decrease in the number of
substrates used mainly from T2 to T3, suggesting the loss of selected metabolic functions. In
sediment, there was a gradual decrease in metabolic activities. DNA extraction from the
environmental matrixes showed that sediment provided a substantially greater yield of total
genomic DNA (15-30 pug g!) than soil (3-7.5 ug g™).

Metabarcoding data revealed that sediment and soil-derived microbiomes evidenced with no
correlation between microbial communities (both bacteria and fungi) and storage time. Bacterial
communities were consistently dominated by Proteobacteria, Bacteroidota, and Actinobacteriota,
while fungal communities were characterized by the high prevalence of Sordariomycetes,
Agaricomycetes, and Leotiomycetes. Microbial propagation was performed by enrichment cultures
adding PFOA (from 300 to 600 mg L ) as sole source of carbon and energy across the preservation
time points (T0, T1, T2 and T3), Genomic DNA was successfully extracted from all enrichment
cultures, with higher DNA yields (0.58-1.82 pg ml™) in sediment than from soil (0.29-0.59 ug ml"

1).

The microbial succession after PFOA enrichment revealed distinct banding patterns by DGGE
analysis. In sediment, a similarity of about 20% was observed between TO and T3. In soil, this
temporal separation was even greater where similarity dropped to only 5% between TO and T3.
These findings evidenced a change in enriched community structure derived from microbiome
stored at different timing, with a more pronounced shift in microbial structure in the soil derived
cultures. The new microbiomes obtained from the different enrichment cultures were tested in
batch abatement trials using PFOA (25 mg L") and PFHxS (10 mg L) as the reference



compounds over 87 days. Total count revealed an increased bacterial count in soil and a stable
count in sediment during the experiment. On the other hand, no significant abatement of PFAS
was observed, suggesting no active biodegradation or transformation of PFAS under these
conditions. A total of 158 bacterial (resolved into 103 bacterial operational taxonomic units) and
53 fungal strains were isolated.

Different genera exhibited temporal changes, Pseudomonas, Flavobacterium, Microbacterium,
Brucella, Brevundimonas, and Rhodanobacter being prominent bacterial groups. Galactomyces,
Trichosporon, Candida, Geotrichum and Fusarium were prominent fungal groups throughout the
different enrichment cultures, suggesting adaptation to stress conditions related to the presence of
PFAS. Isolated strains were further characterized. Six isolates showed apparent growth on DM
agar plates supplied with 50 mg L' PFOA: Brevundimonas sp. 9T2SB, Chryseobacterium sp.
ST2LA, Sphingobacterium spp. (9T2LB, 5T3SA), Geotrichum sp. 3T2SA, and Candida sp.
4T2SB. When these selected isolates were subjected to biotransformation assays of a structurally
varied range of PFAS (PFOA, PFOS, 8:2 FTS, GenX, 7:3 FTCA, and NFDHA) revealed no
detectable fluoride (F-) release or transformation in both axenic cultures and consortia, indicating
high recalcitrance of these compounds.

In contrast, co-metabolic assays demonstrated the transformation of fluoxetine (FLX), with
glucose serving as the primary substrate supporting microbial growth and metabolism. Thus, FLX
transformation occurred through glucose-supported co-metabolism.

HPLC and ion-selective electrode analysis confirmed substantial FLX removal and steady F-
release, particularly by strains Brevundimonas sp. 9T2SB, Sphingobacterium sp. ST3SA, and
Candida sp. 4T2SB. This suggests that these strains, while lacking inherent pathways to mineralize
PFAS, have active co-metabolic defluorination pathways to degrade less complex fluorinated
aromatics. In summary, cryogenic preservation showed progressive changes in microbial vitality
and functional activity over storage time, whereas core community structure in terms of DNA was
maintained. Under PFAS exposure, neither enriched microbiomes nor isolated strains exhibited
PFAS biotransformation or defluorination under the tested conditions. However, selected isolates
transformed fluoxetine under co-metabolic conditions, with fluoride release, indicating potential
for less recalcitrant fluorinated compounds.

Overall, these results emphasize both the impact and the importance of preservation of PFAS-
associated microbiomes and the inherent challenges of PFAS biodegradation, highlighting the
need for further investigation into conditions that support effective transformation.

Keywords

Per- and polyfluoroalkyl substances (PFAS), soil and sediment microbiomes, Cryopreservation,
DNA metabarcoding, Community-level physiological profiling (CLPP), Enrichment cultures,
Defluorination, Co-metabolism



Highlights (Italian)

e La conservazione criogenica (—80 °C, glicerolo) ¢ stata utilizzata per preservare l’integrita
strutturale dei microbiomi ambientali contaminati da PFAS (suolo e sedimento) per un periodo
di stoccaggio di dodici mesi.

e La vitalita microbica e l’attivita funzionale sono state valutate in quattro punti temporali
durante la conservazione: TO (pre-stoccaggio), T1 (3 mesi), T2 (8 mesi) e T3 (12 mesi),
mostrando cambiamenti progressivi nel tempo.

e [ ’analisi di DNA barcoding ha evidenziato che la struttura della comunita core ¢ rimasta stabile
durante I’intero periodo di conservazione in entrambe le matrici, suolo e sedimento, senza
variazioni osservabili legate al tempo di stoccaggio; tuttavia, i campioni di suolo hanno
mostrato una maggiore eterogeneita rispetto a quelli di sedimento.

e L’analisi di DNA barcoding ha inoltre rivelato che le comunita batteriche erano costantemente
dominate da Proteobacteria, Bacteroidota e Actinobacteriota, mentre le comunita fungine
erano caratterizzate da un’clevata prevalenza di Sordariomycetes, Agaricomycetes ¢
Leotiomycetes.

e Nuovi microbiomi sono stati ottenuti a seguito di colture di arricchimento a partire da matrici
conservate a diversi tempi, e le differenze tra questi microbiomi sono risultate piu evidenti nel
suolo rispetto al sedimento.

e [ microbiomi ottenuti dalle colture di arricchimento sono stati testati per la degradazione di
PFOA e PFHxS, ma non ¢ stata osservata alcuna degradazione significativa.

e Gli isolati ottenuti dalle colture di arricchimento sono stati identificati mediante
sequenziamento parziale del 16S rRNA e dell’ITS; nonostante le variazioni temporali,
Pseudomonas, Flavobacterium, Microbacterium, Brucella, Brevundimonas e Rhodanobacter
sono rimasti tra i generi batterici predominanti, mentre Galactomyces, Trichosporon, Candida,
Geotrichum e Fusarium hanno dominato le comunita fungine.

e Solo tre isolati (Brevundimonas sp. 9T2SB, Sphingobacterium sp. ST3SA e Candida sp.
4T2SB) hanno mostrato defluorinazione co-metabolica della fluoxetina, indicando un
potenziale per la trasformazione di composti fluorurati meno recalcitranti.

e Lo studio evidenzia I’'importanza della conservazione di microbiomi intatti e le sfide associate
alla biodegradazione dei PFAS.

Abstract (Italian)

Le sostanze poli- e perfluoroalchiliche (PFAS) sono inquinanti ambientali persistenti,
bioaccumulabili e tossici che compromettono gli ecosistemi e la salute umana. Gli approcci fisico-
chimici tradizionali, come la filtrazione e I’adsorbimento (ad esempio mediante carbone attivo),
comportano generalmente costi elevati, un significativo consumo energetico e possibili impatti
ambientali secondari, inclusa la formazione di PFAS a catena piu corta. Pertanto, la bioremediation
puo essere considerata un’alternativa promettente e sostenibile. Tuttavia, ad oggi, gran parte della
letteratura si concentra sullo studio delle capacita di trasformazione di questi composti da parte di
singoli ceppi isolati.La trasformazione dei contaminanti puo invece essere guidata da processi a
livello di comunita microbiche, in cui le interazioni interspecifiche svolgono un ruolo centrale.



I1 presente studio ha obiettivo di valutare la conservazione, la propagazione e il loro potenziale
utilizzo in protocolli di biorisanamento di microbiomi presenti in matrici ambientali contaminate
da PFAS—suolo (Soil) e sedimento (Sed)— A tal fine, campioni di suolo e sedimento sono stati
raccolti in due siti nella provincia di Vicenza (Veneto, Italia), contaminati da PFAS a causa di
scarichi industriali. Le analisi chimiche hanno evidenziato una maggiore contaminazione nei
sedimenti (17.700 ng kg™") rispetto al suolo (5.370 ng kg™"), con predominanza di PFOS e PFSA
nei sedimenti e di PFOA nei campioni di suolo. I campioni sono stati crioconservati (con glicerolo
al 30% v/p) a —80 °C e gli effetti della conservazione sono stati valutati a quattro tempi: TO (prima
della conservazione), T1 (3 mesi), T2 (8 mesi) e T3 (12 mesi).

La conservazione dei microbiomi ¢ stata valutata sia con metododiche coltura-dipendenti che
indipendenti, tra cui conte microbiologiche totali, analisi Biolog EcoPlate e DNA metabarcoding.
I risultati hanno mostrato che le conte batteriche sono rimaste stabili fino a T2 (8 mesi) in entrambe
le matrici, seguite da una diminuzione della vitalitd a T3 (12 mesi), particolarmente nel suolo. I
funghi non hanno mostrato variazioni significative nella vitalita nei sedimenti, mentre nel suolo ¢
stata osservata una lieve riduzione dopo 12 mesi. L’analisi Biolog ha evidenziato una maggiore
attivita metabolica iniziale nel suolo rispetto al sedimento e una chiara diminuzione del numero di
substrati utilizzati, soprattutto tra T2 e T3, suggerendo la perdita di specifiche funzioni
metaboliche. Nei sedimenti, invece, si ¢ osservata una diminuzione piu graduale dell’attivita
metabolica.

L’estrazione del DNA ha mostrato rese significativamente piu elevate nei sedimenti (15-30 ug
g ") rispetto al suolo (3—7,5 ug g'). I dati di DNA metabarcoding effettuati sia sulla popolazione
batterica che fungina hanno evidenziato che le comunita microbiche presenti nel sedimento e suolo
non evidenziavano una significativa correlazione con il tempo di stoccaggio. Le comunita
batteriche erano dominate da Proteobacteria, Bacteroidota e Actinobacteriota, mentre quelle
fungine erano caratterizzate principalmente da Sordariomycetes, Agaricomycetes e
Leotiomycetes.

L propagazione microbica delle matrici conservate ¢ stata condotta tramite colture di arricchimento
utilizzando PFOA (ad una concentrazione crescente da 300 a 600 mg L") come unica fonte di
carbonio ed energia. Lo scopo principale era valutare e confrontare I’arricchimetomicrobico
derivante dai campioni durante 1 diversi tempi di conservazione e per favorire 1’isolamento di cepp1
tolleranti al PFOA. II DNA genomico ¢ stato estratto con successo da tutte le colture di
arricchimento, con rese piu elevate nei sedimenti (0,58—1,82 pg ml™) rispetto al suolo (0,29-0,59
pg ml™). L’analisi DGGE ha evidenziato cambiamenti temporali nella struttura delle comunita
arricchite, con una similarita del 20% tra TO e T3 nei sedimenti e solo del 5% nel suolo, indicando
una maggiore variazione nelle comunita del suolo.

I microbiomi ottenuti a seguito delle colture di arricchimento (T0 e T3) sono stati testati al fine di
valutare la loro capacita di degradazione di composti PFAS. Tuttavia, nei test di abbattimento
condotti per 87 giorni con PFOA (25 mg L") e PFHxS (10 mg L"), non ¢ stata osservata alcuna
significativa rimozione dei PFAS, indicando 1’assenza di biodegradazione o trasformazione attiva
nelle condizioni sperimentali adottate.



A seguito delle colture di arricchimento sono stati isolati complessivamente 158 ceppi batterici
(103 unita tassonomiche operative) e 53 ceppi fungini. I generi dominanti includevano
Pseudomonas, Flavobacterium, Microbacterium, Brucella, Brevundimonas ¢ Rhodanobacter tra i
batteri, e Galactomyces, Trichosporon, Candida, Geotrichum ¢ Fusarium tra i funghi. Sei isolati
(Brevundimonas sp. 9T2SB, Chryseobacterium sp. ST2LA, Sphingobacterium spp. (9T2LB,
5T3SA), Geotrichum sp. 3T2SA, and Candida sp. 4T2SB) hanno mostrato crescita apparente in
presenza di PFOA (50 mg L™"). Tuttavia, 1 test di biotrasformazione con diversi PFAS non hanno
evidenziato rilascio di fluoruro o degradazione. Diversamente, saggi condotti in condizione di co-
metabolismo con fluoxetina, ¢ stata osservata una significativa rimozione di fluoruro dal composto
fluoxetina, indicando una capacita di defluorinazione di composti fluorurati meno recalcitranti.

In sintesi, la crioconservazione ha determinato cambiamenti progressivi nella vitalita microbica e
nell’attivita funzionale nel tempo, mentre analisi colture-dependent utilizzando come target il
DNA non hanno evidenziato variazioni in funzione del tempo di conservazione. Nonostante
I’isolamento di numerosi microrganismi a seguito di colture d’arricchimento, non ¢ stata osservata
una loro capacita di biotrasformazione dei PFAS. Tuttavia, alcuni isolati hanno mostrato capacita
di defluorinazione della fluoxetina in condizioni co-metaboliche. Questi risultati evidenziano sia
I’importanza della conservazione dei microbiomi associati ai PFAS sia le difficolta intrinseche
nella loro biodegradazione, sottolineando la necessita di ulteriori studi.

A supporto di questo lavoro, sono state sviluppate e validate procedure operative standard (SOP)
per il campionamento e I’estrazione del DNA. La validazione inter-laboratorio ha dimostrato
buona riproducibilita e coerenza tra le unita di ricerca, senza differenze significative nella diversita
microbica, nella struttura della comunita e nella composizione tassonomica.
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Ph.D. Research Aims

This Ph.D. research is conducted within the framework of the SUS-MIRRLIT project
(“Strengthening the MIRRI Italian Research Infrastructure for Sustainable Bioscience and
Bioeconomy™), funded under the ESFRI “Health and Food” area by the European Commission
through the NextGenerationEU programme (Code N° IR0000005). The SUS-MIRRLIT initiative
aims to strengthen the Italian node of the Microbial Resource Research Infrastructure (MIRRI-IT)
by implementing and valorizing microbial resources stored in Italian biobanks, improving their
characterization, and optimizing their management through the coordinated involvement of 24
partners. In this context, this Ph.D. project focuses on the investigation, preservation, and
characterization of microbiomes associated with PFAS-impacted environmental matrices, with
particular emphasis on their long-term stability and functional potential.

The research is also aligned with the activities of the Verona University Culture Collection —
Department of Biotechnology (VUCC-DBT), contributing to the development and valorization of
microbial resources within this collection. The central research objective of this Ph.D. is to
evaluate the impact of preservation on microbiomes originating from PFAS-impacted matrices,
while evaluating the impact of PFAS contamination on microbial community structure and
functionality. This includes the assessment of microbiomes in terms of (i) preservation, (ii)
propagation, and (iii) utilization, with particular attention to microbiome resilience, recovery after
long-term storage, and functional stability. The utilization of microbiomes includes the evaluation
of both (i) new enriched microbiome responses under PFAS exposure and (ii) the strain-specific
capabilities involved in PFAS biotransformation.

Experimental activities related to microbiome preservation were initiated during the second year
of the Ph.D. and continued into the third year. As a supporting methodological component,
activities carried out during the first year contributed to the standardization of microbiome analysis
workflows through the development and validation of Standard Operating Procedures (SOPs) for
sampling and DNA extraction. Although not the primary focus of the thesis, this work provided a
robust and reliable framework for subsequent microbiological and molecular analyses. Overall,
this Ph.D. provides new insights into the preservation and functional behavior of PFAS-associated
microbiomes and highlights their potential as microbial resources for environmental biotechnology
applications, while contributing to the broader objectives of the SUS-MIRRLIT initiative.
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Study Design

At the initial stage of the study, standardized operating procedures (SOPs) for water and soil
samples were developed and validated to ensure reproducible analysis of environmental
microbiomes. These SOPs defined workflows for sample handling, DNA extraction, and
downstream metabarcoding analysis. Therefore, the microbiome study was conducted using two
PFAS-impaired environmental matrices: Soil and Sediment. To preserve the native microbial
communities, samples were aliquoted and amended with sterile glycerol at a final concentration of
30% (w/v), homogenized, stored overnight at —4 °C, and subsequently cryopreserved at —80 °C.

The effects of cryopreservation were evaluated using a time-series experimental design, with
analyses performed at four defined time points: TO (pre-storage), T1 (4 months of storage), T2 (9
months of storage), and T3 (12 months of storage). This approach enabled the assessment of long-
term impacts of cryopreservation on microbial viability, community structure, and functional
potential. Chemical analysis of the samples was performed to determine the concentration of PFAS
present in the soil and sediment matrices, providing a baseline for evaluating microbial responses
and downstream functional experiments. Culture-dependent analyses were conducted at all time
points (TO, T1, T2, and T3) to assess microbial viability and functional diversity during storage.

In parallel, culture-independent analyses based on DNA metabarcoding were performed to
investigate changes in microbial community composition over preservation time. In addition to
preservation assessment, the stored microbiome was propagated by enrichment cultures to
selectively enhance microbial populations with the potential to tolerate and transform PFAS
compounds. These enrichment cultures formed the basis for subsequent abatement experiments,
as well as for the isolation and identification of microbial strains. Selected isolates were further
subjected to biotransformation experiments to evaluate their PFAS transformation potential under
controlled laboratory conditions.

This integrated study design allowed the systematic evaluation of microbiome preservation,
functional resilience, and PFAS-related microbial activity, providing the conceptual framework for
the experimental procedures described in the following Materials and Methodology section.

12
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and sediment microbiomes using ITS sequencing. The table reports enrichment time points
(TO-T3), isolate codes, closest type strain matches based on ITS sequencing, accession
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Acronyms

Full Name Acronym
5:3 Fluorotelomer Carboxylic Acid 5:3FTCA
6:2 Fluorotelomer Acrylate Butyrate 6:2 FTAB
6:2 Fluorotelomer Alcohol 6:2 FTOH
6:2 Fluorotelomer Sulfonate 6:2 FTS
6:2 Fluorotelomer Sulfonic Acid 6:2 FTSA
6:2 Fluorotelomer Unsaturated Carboxylic Acid 6:2 FTUCA
7:3 Fluorotelomer Carboxylic Acid 7:3 FTCA
8:2 Fluorotelomer Alcohol 8:2 FTOH
Amplicon Sequence Variants ASVs
Aqueous Film-Forming Foams AFFF
Agency for Toxic Substances and Disease Registry ATSDR
Boron-Doped Diamond BDD
Centre for Biotechnology and Fine Chemistry CBQF
Colony Forming Units CFU
Drinking Water Directive DWD
Electrochemical Oxidation EO
Environmental Protection Agency EPA
European Environment Agency EEA
European Food Safety Authority EFSA
Fluorotelomer Aldehydes FTAL
Fluorotelomer Alcohols FTOHs
Fluorotelomer Carboxylic Acids FTCAs
Fluorotelomer Sulfonic Acids FTSAs
Fluorotelomer Unsaturated Carboxylic Acids FTUCA
Fluoxetine FLX
Granular Activated Carbon GAC
Hexafluoropropylene Oxide Dimer Acid GenX
Hydrofluoric Acid HF
Internal Transcribed Spacer ITS
International Agency for Research on Cancer [IARC
Interstate Technology and Regulatory Council ITRC

Ton Exchange IX

Italian National Agency for New Technologies, Energy and Sustainable Economic | ENEA
Development

Malt Yeast Extract MYE
Microbial Index Quality MIQ
Minimal Defined Medium DM
Minimal Medium MM
N-ethyl Perfluorooctane Sulfonamidoethanol N-EtFOSE
National Academies of Sciences, Engineering, and Medicine NASEM
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Nanofiltration NF
Nonafluoro-3,6-dioxaheptanoic Acid NFDHA
Per- and Polyfluoroalkyl Substances PFAS
Perfluoroalkyl Acids PFAA
Perfluoroalkyl Carboxylic Acids PFCAs
Perfluoroalkyl Phosphonic Acids PFPA
Perfluoroalkyl Sulfonic Acids PFSAs
Perfluorobutanoic Acid PFBA
Perfluorobutane Sulfonic Acid PFBS
Perfluoroheptanoic Acid PFHpA
Perfluorohexanoic Acid PFHxA
Perfluorohexane Sulfonic Acid PFHxS
Perfluorooctane Sulfonic Acid PFOS
Perfluorooctanoic Acid PFOA
Perfluorooctane Sulfonyl Fluoride POSF
Perfluoropentanoic Acid PFPeA
Perfluoropolyethers PFPEs
Polyvinylidene Fluoride PVDF
Polytetrafluoroethylene PTFE
Reverse Osmosis RO
Standard Operating Procedures SOPs
Tetramethylethylenediamine TEMED
Total Ionic Strength Adjustment Buffer TISAB
Tolerable Weekly Intake TWI
Tris-Acetate-EDTA Buffer TAE
Tryptic Soy Agar TSA
Tryptic Soy Broth TSB
Verona University Culture Collection- Department of Biotechnology VUCC-DBT
Wastewater Treatment Plants WWTP
World Health Organization WHO
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Section 1- Standard Operating Procedures (SOPs)

Chapter 1. Overview

Microbiomes are described as characteristic communities of microbial (microbiota) living in a
particular environment and interacting in a defined theatre of activity by virtue of specific
physicochemical and functional characteristics. Their increasing importance in environmental,
agricultural, and biotechnological applications underscores the necessity of consistent and reliable
analytical methods (Cocolin et al., 2024). One of the biggest constraints of microbiome studies is
that there are no standardized protocols for sampling, DNA isolation, and downstream analysis to
limit reproducibility and comparability across studies. This challenge is one of the main goals of
the SUS-MIRRLIT project, the purpose of which is to create and introduce standardized
procedures to investigate microbiomes.

In this context, Standard Operating Procedures (SOPs) were formulated on sampling and DNA
extracted in various environmental matrices such as soil and water. Subsequently, these SOPs were
confirmed by interlaboratory studies to guarantee consistency, accuracy, and reproducibility of
microbiome data.

Chapter 2. Materials and Methodology

2.1 Definition of Standard Operating Procedures (SOPs)

The University of Verona was involved in further validation for the sampling and analysis of soil
and water samples. It was performed involving different laboratories and operators proceeding
with the same sample. Therefore, all laboratories involved are provided with identical soil and
water samples from the Leader Unit of the task and perform the analyses according to the
previously defined SOPs.

2.2 SOP for Water Sampling

Two different samples were analyzed:

(i) Wastewater was harvest from the Bresso wastewater treatment plant (Milan, Italy),
downstream of primary sedimentation, distributed in sterile bottles and sent to the
University involved in the analysis using freezer packs. Each unit performed the analysis
in triplicate.

(ii) Surface water was harvest from Trasimeno Lake (Umbria, Italy) by immersing a sterile
tank in the lake and further transferred into 1 L bottles and shipped with freezer packs.
Each unit performed the analysis in triplicate.
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Therefore, each Unit stored the samples at room temperature until all laboratories had received
them. The filtration of all the samples (0.2 um filter membranes; 30 mL and 150 mL for
wastewater and surface lake water, respectively) was then conducted simultaneously across all the
University involved in the analysis.

The commercial DNeasy PowerWater Kit (Qiagen) was used for DNA extraction following the
instruction manual. ZymoBIOMICS Microbial Community Standard (Zymo Research, 75 ul) was
extracted in triplicate by each unit following the DNeasy PowerWater Kit protocol.

The quality and quantity of DNA were assessed by using both a Qubit 4 Fluorometer (Thermo
Fisher Scientific, Waltham, USA), and a NanoDrop™ One/One C UV-Vis spectrophotometer
(ThermoScientific, USA).

2.3 SOP for Soil Sampling

Six different units participated in the validation of SOP for soil sampling: University of Verona,
Torino, Perugia, Palermo, Milano-Bicocca and the Italian National Agency for New Technologies,
Energy and Sustainable Economic Development (ENEA).

The bulk soil microbiota of grapevine was analyzed. Two plants (A and B) of the “Moscato
Bianco” cultivar, grafted on “Kober SBB” rootstocks, were selected from an experimental vineyard
located in Grugliasco (Torino, Italy). The soil was harvested, the litter removed and passed through
a fine mesh sieve and, thus, homogenized with a sterile spoon. The soil was transferred in 50 ml
falcon and sent to each unit at —80 °C in dry ice. Each unit performed the analysis in triplicate.

The commercial DNeasy PowerSoil Pro Kit (Qiagen) was used for DNA extraction from soils.
ZymoBIOMICS Microbial Community Standard (Zymo Research, 75 pl) was extracted in
triplicate by each unit following the DNeasy PowerWater Kit protocol.

The quality and quantity of DNA were assessed by using both a Qubit 4 Fluorometer (Thermo
Fisher Scientific, Waltham, USA), and a NanoDrop™ One/One C UV-Vis spectrophotometer
(ThermoScientific, USA).

2.4 Amplicon Sequencing, Bioinformatic and Statistical Analysis

All the further analysis was performed by the University of Torino (Department of Agricultural,
Forest and Food Sciences) and detailed described in Ferrocino et al. (2025).

Briefly, the V3-V4 region of the 16S rRNA gene was amplified using the primers 16SF 5°-
CCTACGGGNGGCWGCAG-3’ and 16SR 5’-GACTACHVGGGTATCTAATCC-3 (Klindworth
et al., 2013) for the preparation of Illumina 16S sequencing library. ZymoBIOMICS Microbial
Community DNA Standard was used to avoid bias arising from sequencing library. Amplicons
were sequenced by Novogene Company. The fastq data were analyzed using QIIME2 v. 2022.2.0
(Bolyen et al., 2019).
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The taxonomic classification of Amplicon Sequence Variants (ASVs) was performed using the
giime against the reference GreenGenes2 database (version 2024.1). The alpha diversity index
was calculated using the vegan package of R (Dixon, 2003). Agreement within units, Bland—
Altman plots were made for Shannon diversity indices with 95% confidence intervals.
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Chapter 3. Results

3.1 Definition of SOP

Standard Operating Procedures (SOPs) are systematic, standardized procedures aimed at providing
consistency, repeatability, and quality to scientific processes. SOPs are especially important in
microbiome studies, as differences in sampling, storage, and processing may have a considerable
impact on the composition of microbial communities and subsequent analyses. According to the
SUS-MIRRLIT infrastructure, SOPs are created so that methodologies can be aligned in
laboratories to allow consistent comparison of microbiome data and high-quality preservation of
microbial resources.

SOPs are described as step-by-step documented procedures that seek to establish operational
consistency, reduce variability, and enhance efficiency. SOPs are used as a basis for quality
management, traceability, and reproducibility in both industrial and scientific environments.

In microbiome studies, SOPs typically include:

e (learly defined objectives and scope

e Standardized sampling procedures

e Tightly regulated storage and transport.
e Step-by-step laboratory workflows

e Metadata collection requirements

e Quality control measures

The SOP document to be employed in the present study can be found here: STANDARD
OPERATING PROCEDURES (SOPs) FOR SAMPLING OF MICROBIOME IN DIFFERENT
ECOSYSTEMS (Cocolin et al., 2024).

3.2 DNA Extraction
3.2.1 Water Samples

DNA extraction was performed according to Qiagen protocol as described in the SOPs developed
within SUS-MIRRLIT project (Cocolin et al., 2024). Wastewater was collected from the Bresso
wastewater treatment plant (located in Milan, Italy), and Sur face water was collected from
Trasimeno Lake (Umbria, Italy) (Ferrocino et al., 2025).

DNA quantification showed that there was a variation in the yield among the various water sources.
The highest concentration of DNA was found in the samples that were defined as VR-Lago
(lake/surface water) (83.5-105.9 ng pL"). Conversely, VR-Refluo (wastewater/effluent) samples
reported moderate DNA yields (37.9-70.9 ng uL™!), with VR-M (Mock) samples having the lowest
concentration (22.8-26.2 ng uL!).
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Table 1. DNA concentration and purity assessment of water-derived microbiome samples from different sources.

Source Sample Name DNA (ng/pL) | 260/280 | 260/230
VR-Refuol VRWRI 46.8 1.93 1.57
VR-Refuo2 VR WR2 379 1.91 1.46
VR-Refuo3 VR WR3 62.5 1.93 1.6
VR-Refuo4 VR WR4 61.2 1.89 0.7
VR-Refuos VR W RS 44.5 1.94 1.57
VR-Refuob VR W R6 70.9 1.89 22
VR-Lagol VRWLI 103.8 1.89 2.09
VR-Lago2 VRWL2 99.4 1.86 1.74
VR-Lago3 VR W L3 105.9 1.86 1.45
VR-Lago4 VR W14 101.5 1.86 1.18
VR-Lago5 VR WL5 83.5 1.88 1.5
VR-Lago6 VR WL6 92 1.87 2.11
VR-M1 VR W M1 26.2 1.89 0.65
VR-M2 VR W M2 4 1.88 1.69
VR-M3 VR W M3 22 1.84 0.99

3.2.2 Soil Samples

Soil samples were subjected to DNA extraction following standardized SOP procedures to ensure
consistency and reproducibility (Cocolin et al., 2024). Soil samples were collected to investigate
the composition of the bulk soil microbiota associated with grapevine (Ferrocino et al., 2025).

DNA extraction from soil samples resulted in low to moderate yields (8.5-32.2 ng uLL™).

Table 2. DNA concentration and purity assessment of bulk soil microbiota associated with grapevine.

Sample Name |DNA (ng/pL)| 260/280 | 260/230
VR Al 15 1.67 0.57
VR A2 8.5 1.65 0.09
VR A3 9.1 1.62 0.07
VR A4 13.4 1.69 0.1
VR A5 15.7 1.66 0.77
VR A6 12.7 1.89 0.09
VR B1 8.9 1.82 0.08
VR B2 15.1 1.86 0.08
VR B3 11.4 1.6 0.14
VR B4 15.7 1.66 0.24
VR B5 14.2 1.63 0.11
VR B6 13.1 1.69 0.09
VR M1 26.5 1.88 0.51
VR M2 30.9 1.86 0.35
VR M3 322 1.98 0.13
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3.3 Validation of SOP

Following DNA extraction, all samples were transferred to the University of Torino (Department
of Agricultural, Forest and Food Sciences), where subsequent analyses were performed as detailed
in; STANDARDIZING MICROBIOME RESEARCH: INTERLABORATORY VALIDATION
OF SOPS FOR SAMPLE PREPARATION AND DNA EXTRACTION FROM FOOD AND
ENVIRONMENTAL ECOSYSTEMS | ENVIRONMENTAL MICROBIOME | SPRINGER
NATURE LINK (Ferrocino et al., 2026).
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Chapter 4. Discussion and Conclusion

The interlaboratory validation proved that high reproducibility and consistency of microbiome
analyses of environmental matrices are guaranteed by the use of standardized SOPs (Cocolin et
al., 2024). In both water and soil samples, microbial diversity, community composition, or
taxonomic profile did not show a significant difference between research units. The accuracy and
reliability of results was also ensured by the high MIQ values (>99%), which showed that there
was little deviation in the expected microbial composition. These results indicate that SOP-based
workflows can successfully minimize methodological variance and offer a solid structure of
similar microbiome investigations in different laboratories (Ferrocino et al., 2025).
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Section 2- PFAS-impacted Environmental Microbiomes

Chapter 1. General Introduction
1.1 Background and Context: PFAS Overview

1.1.1 Definition, Chemical Structure, and Classification

PFASs are defined as fluorinated substances that contain at least one fully fluorinated methyl or
methylene carbon atom (without any H/CI/Br/l atom attached to it), i.e., with a few noted
exceptions, any chemical with at least a perfluorinated methyl group (—CF3) or a perfluorinated
methylene group (—CF>—) is a PFAS” (Wang et al., 2021). PFASs are also known as forever
chemicals because of the outstanding strength of the carbon-fluorine (C-F) bond that provides high
resistance to thermal, chemical, and biological degradation (Evich et al., 2022). Consequently, the
compounds are found to be persistent in the environmental systems and have been observed over
all levels of the earth with remote areas like the Arctic to high-populated areas.

Structurally, they have a carbon backbone with hydrogen atoms fully (perfluorinated) or partially
(polyfluorinated) substituted by fluorine atoms. Substitution results in exceptional
physicochemical characteristics, such as high polarity, hydrophobic-lipophobic interaction of the
fluorinated chain, and high chemical inertness (Fernandez et al., 2016; Rahman et al., 2014). The
simplified form of PFAS structure can be represented as: C,F2,+1—R, where n is the number of
carbon atoms in the fluorinated chain, and R is a functional group that defines the reactivity of the
compound and its interactions with the environment (Dias et al., 2024). This general structure is
shown in Figure 1.

F
CFE_—H:{FX
F

Figure 1. General structure of perfluorinated alkylated substances.

The fluorinated carbon chain is highly stable, and the terminal functional group controls solubility,
charge, and the partitioning behavior. This twofold structural character leads to the amphiphilic
properties, which allow PFAS to be used as a surface-active agent. These are the properties that
make them so extensively used in industry and also make them exhibit convoluted behavior in the
environment.
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1.1.1.1 Functional Group Diversity

PFAS have a high chemical diversity because their functional head groups may be anionic,
cationic, or neutral. Anionic groups are common, e.g. sulfonates (—SO 3 "), e.g. perfluorooctane
sulfonate (PFOS), and carboxylates (—COO °), e.g. perfluorooctanoic acid (PFOA). The other
functional groups are phosphates, sulfonamides, alcohols, and quaternary ammonium moieties.
These functional groups significantly affect environmental fate such as solubility, sorption,
mobility, and bioavailability which tend to depend on pH (Alexander et al., 2008). As a result,
structurally similar PFAS may have significantly different environmental behaviors. Besides
terminal functionality, chain length variability and degree of fluorination also add to PFAS
diversity.

Long-chain (e.g., PFCAs with n > 7 and PFSAs with n > 6) are typically more bio-accumulative
and persistent, whereas short-chain analogues ((n < 6) are more mobile but also environmentally
stable (Kurwadkar et al., 2022; Yao et al., 2020)

1.1.1.2 Precursors and Transformation Potential

The significant feature of PFAS chemistry is the existence of precursors, especially polyfluoroalkyl
substances. These are not entirely fluorinated compounds, which may be abiotically or biotically
transformed into more stable perfluoroalkyl acids (PFAAs). An example of this is that
fluorotelomer alcohols (FTOHs) can disintegrate to perfluoroalkyl carboxylic acid like PFOA,
whereas sulfonamide-based compounds like PFOSA and N-ethyl perfluorooctane
sulfonamidoethanol (N-EtFOSE) can be used as precursors of PFOS. Such transformation
potential complicates environmental assessment, with precursor compounds potentially being a
long-term source of persistent PFAS. In this respect, partially fluorinated telomer-based PFAS are
of particular interest.

It is likely that they have a -CH.CH>— spacing between the perfluorinated chain and the functional
group, and their general formula is F(CF2),—CH.CH>—X. They are mainly synthesized through
telomerization, which leads to even numbered carbon atoms in the linear chains (Alexander et al.,
2008).

1.1.1.3 Chemical Classification of PFAS

PFASs are a very diverse group of compounds, and over 4,700 separate substances have been
identified, so far (US EPA, 2025). Depending on the structural features, they are broadly
categorized into polymeric and non-polymeric PFAS (Harris et al., 2025; Z. Wang et al., 2017).
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1. Polymeric PFAS

Polymeric PFAS are compounds of high molecular weight with long carbon backbones, which are
fluorinated and include repeating units. These materials usually include over ten carbon atoms and
are generally applied in industrial and commercial services that are highly stable and performant.
Major categories include:

e Fluoropolymers, such as polytetrafluoroethylene (PTFE) and polyvinylidene fluoride
(PVDF)

o Side-chain fluorinated polymers, including fluorinated polyurethanes

e Perfluoropolyethers (PFPEs), these compounds are typically regarded as less bioavailable
because of their high molecular weight but may cause environmental contamination by
degradation or processing remnants (Itumoh et al., 2024).

2. Non-Polymeric PFAS

Non-polymeric PFAS are characteristically compounds of lower-molecular-weight and are more
environmentally concerned because of their mobility and bioavailability. Both perfluoroalkyl and
polyfluoroalkyl substances are found in this group (Williams et al., 2022)

1. Polyfluoroalkyl Substances (Fluorotelomers)

Polyfluoroalkyl compounds are partially fluorinated compounds where not all the hydrogen atoms
on the carbon backbone are substituted by fluorine. The importance of these compounds lies in the
fact that they may be converted into more recalcitrant perfluoroalkyl compounds.

Key groups include:

e Fluorotelomer alcohols (FTOHs)
e Fluorotelomer carboxylic acids (FTCAs)
e Fluorotelomer sulfonic acids (FTSAs)

i1. Perfluoroalkyl Substances

PFAS subgroups that are the most stable and persistent are perfluoroalkyl compounds that are
completely fluorinated along the carbon chain. Among them is the perfluoroalkyl acids (PFAAs).
These are acidic compounds that have functional groups bound to a perfluorinated carbon
backbone and are commonly found in the environmental matrices (Harris et al., 2025a; Itumoh et
al., 2024). Major subclasses include:

e Perfluoroalkyl carboxylic acids (PFCAs) and ether analogues (PFECAS)
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o Perfluoroalkyl sulfonic acids (PFSAs)
o Perfluoroalkyl phosphonic acids (PFPAs)
o Perfluoroalkyl phosphinic acids (PFPiAs)

|Polymer PFAS (>10 units)| | Nonpolymer PFAS (2-10 units)
Perfluoroalkyl carboxylic acids:
- long-chain (6-10 units, PFOA)
Fl I
(T;;;ﬁp;\?g::t;rs h— - short-chain (4-6 units)
- - ultrashort-chain (1-3 units, TFA)
-l F;gg?rnalkyl acids Perfluoroalkyl sulfonic acids
(PFOS)
Side-chain
fluorinated Perfluoroalkyl phosphonic acids
polymers (PFBPA)
(fluorinated PU)
— |Perfluoroalkanes|————| (CF4, C2F6)
Fluorotelomer
Perfluoropolyethers alcohols (6:2 FTOH)
(PFPE) Fluorotelomer
— ::Lﬁ::::;'ky' carboxylic acids (6:2 FTCA)

Fluorotelomer
sulfonic acids (6:2 FTSA)

Figure 2. Classification of per- and polyfluoroalkyl substances (PFAS). Adapted from Thakur et al. (2025).

In general, the PFAS are structurally diverse and chemically complex compounds, the abundance
of which in the environment is determined largely by the strength of the carbon-fluorine bond.
Their transformation potential and their prevalence are the reasons behind this structural diversity
which contributes to the increasing concern about their environmental and biological effects.

1.1.2 Physicochemical Properties and Environmental Behavior of PFAS

1.1.2.1 Chemical Structure and Bonding

The nature of the carbon fluorine (C-F) bond in the fluorinated carbon chain controls much of the
physicochemical behavior of PFAS. The high electronegativity, high ionization potential, and low
polarizability of fluorine are attributed to the difference in the electronic and intermolecular
properties of fluorinated chains, compared with their hydrocarbon analogues. Consequently, the
C—F bond is one of the strongest organic chemistry bonds, and bond dissociation energies are up
to approximately ~531.5 kJ mol™, which is one of the reasons that makes PFAS exceptionally
chemically and thermally stable (Krafft & Riess, 2015; Zhang et al., 2013; Zhou et al., 2013).

The high polarizing influence of fluorine causes C-F bonds to be highly polarized as well as the
carbon backbone to be of extremely low polarizability. It does not simply boost the strength of the
bonds but also affects intermolecular interactions differently to non-fluorinated compounds.
Further replacement of hydrogen by fluorine also changes the electronic environment of the
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neighboring functional groups. Specifically, the perfluoroalkyl chain has a strong inductive effect,
as it makes the neighboring groups more acidic and the attached organic moieties less basic
(Kirsch, 2006; Chambers, 2004).

Collectively, these bonding properties demonstrate the familiar recalcitrance of PFAS, which is
largely resistant to hydrolysis, photolysis, oxidation, reduction, and biodegradation in the
environment.

1.1.2.2 Surfactant Behavior

PFAS have comparatively high densities, generally between about 1.5 to more than 2.3 g cm™,
depending on the molecular structure, molecular weight, and molecular orientation. Certain short-
chain PFAS can be liquids at room temperature, and density variations compared to water can be
relevant to subsurface transport, with the heavier liquid layers more likely to move downwards in
groundwater systems. Their melting and boiling points are also very diverse and highly dependent
on chain length and molecular complexity: short-chain PFAS tend to have lower melting (<0—100
°C) and boiling points (100—150 °C), long-chain and highly fluorinated compounds have very high
melting points, even in the 200 °C range, and even higher boiling points, up to or above 300°C.
These properties together determine the environmental phase behavior and mobility of PFAS
(Naidu et al., 2025).

Substitution of hydrogen by fluorine has a significant effect on the surfactant behavior of these
compounds. Perfluorinated surfactants, especially perfluorocarboxylic acid and per fluoroalkane
sulfonic acids, are significantly more resistant to heat, chemicals, and acids and bases and are less
affective by oxidants and reductants than hydrocarbon analogues, under which conditions
conventional surfactants are more readily degraded (Moody & Field, 2000). Fluorine is also a
strong electron-withdrawing agent that increases the acid strength of anionic PFAS. The molecules
of PFAS are amphiphilic, which means that they are composed of a carbon chain containing
fluorine and a polar head group that allows the molecules to be highly active on the surface and
accumulate at interfaces including air-water and solid-water interfaces.

They are usually more interfacially active and lower critical micelle concentrations than
hydrocarbon surfactants. Chain length has a powerful effect on environmental behavior; the long-
chain PFAS have a stronger affinity to solid phase and have a higher bio correlation potential,
whereas the short-chain PFAS are more soluble and mobile in water. Such a contrast is one of the
reasons that explains the shift toward short-chain alternatives, despite the fact that they remain
persistent and have improved mobility in water (Naidu et al., 2025).

1.1.2.3 Environmental Persistence

PFAS are able to survive in the environment due to their persistent nature, which is a direct result
of their molecular stability. The carbon chain that is fluorinated is very difficult to chemically and
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biologically transform and thus most of the PFAS, especially the perfluoroalkyl acids (PFAAs),
tend to persist in the water, soil, sediment, and biota over extended periods. This continuity has
significant implications for environmental exposure. PFAS may spread via ground water and
surface water after release, and may build up in the environmental matrices, and still be detectable
many years after the cessation of emissions. Consequently, the existing contamination patterns
tend to be a combination of current input and past releases. The persistence of these compounds is
further demonstrated by evidence of long biological half-lives in humans. Some of the PFAAs stay
in the body of the human being over a period of years, which is an indication of limited elimination
and prolonged exposure (Krafft & Riess, 2015; Z. Wang et al., 2017).

1.1.2.4 Bioaccumulation and Toxicokinetics

PFAS have a bioaccumulation behavior contrary to conventional hydrophobic organic
contaminants. In the case of ionic PFAAs, the traditional indicators of octanol-water partition
coefficients (KOW) and the standard fish bioconcentration factors fail to correctly describe the
accumulation patterns because the compounds are protein-binding compounds, and not lipid-
binding compounds. As an example, PFOA is generally relatively lowly bioconcentrated in fish
because it is highly eliminated via the gills, which is attributed to its solubility in water. The
opposite is true of humans, which eliminates it very slowly and can take several years. This
stresses the significance of species-specific toxicokinetics.

This implies that PFAS bioaccumulation evaluation needs to be conducted on a wider level and
entails trophic magnification information, field surveys, and chemical-specific toxicokinetic
analyses. In this regard, bioaccumulation is not only the main factor of such long-term exposure,
but also the persistent of PFAS in the environmental systems (Wang et al., 2017).

1.2 Sources, Uses and Emission Pathways

1.2.1 Primary Manufacturing and Industrial Sources

Mass production of these compounds started in the middle of the 20th century, with 3M and
DuPont companies making them in large quantities. In the years 1970-2002, some 96,000 tons of
Perfluorooctane sulfonyl fluoride (POSF), a major precursor of PFOS, were manufactured
worldwide, of which it is estimated that 450-2,700 tones were discharged into the environment.
Likewise, the total production of perfluoro carboxylates (PFCAs) including PFOA and other
similar compounds across the globe has been estimated to be 4,400-8000 tones between 1951 to
2004 and the corresponding environmental emissions have been 470-900 tones (Kissa, 2001).

Electrochemical fluorination (ECF) and fluorotelomerization have been the two most common
industrial processes used to produce PFAS. ECF forms mixtures of linear and branched isomers
and was once used to produce legacy compounds like PFOS, making structurally complex products
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that are hard to analyze environmentally and assess fate. Conversely, fluorotelomerization is a
method that yields majorly linear PFAS structures, such as fluorotelomer-based products and the
products of the reaction (Buck et al., 2011; Q. Wang et al., 2023). As a result of a growing
regulatory burden on legacy PFAS, industry has turned to telomer based chemistries, such as their
application in aqueous film-forming foams (AFFF). Nevertheless, they are structurally diverse
compounds that are difficult to detect and monitor in environmental matrices (ITRC, 2026).
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Figure 3. Electrochemical perfluorination: a general reaction mechanism. Adapted from Fuchigami & Inagi (2020).

Manufacturing and processing plants are the key contributors to environmental pollution as they
emit PFAS into wastewater, air, solid waste, and accidental spills. Moreover, AFFF discharge in
industrial locations and fire-training facilities is one of the major routes of environmental
discharge. Released, PFAS may be carried by air and water, resulting in their accumulation in soils
and aquatic environments as well as causing both local and regional contamination. Their
ubiquitous industrial adoption and numerous emission pathways have led to the widespread and
intractable footprint on the environment (Allinson et al., 2019; C. Fang et al., 2017; Gaines, 2023;
Itumoh et al., 2024; Thakur et al., 2025; Moody & Field, 2000; Wang et al., 2014)

1.2.2 Consumer Products as Diffuse Sources

PFAS are also actively emitted by consumer products that are considered to be diffuse and
continuous sources of contamination. PFAS are added to an extensive selection of materials to
make them resistant to water, oil, heat, and stains. These are textiles, upholstery, non-stick
cookware, food-contact materials, cosmetics, cleaning agents, and household products (Buck et
al., 2011). Ther are emitted at low levels and uniformly over time as consumers use the products,
wash them, abrade them, and dispose of them and the resultant products, causing widespread low-
level emittance in both indoor and outdoor settings. It is estimated that more than 1,400 PFAS are
used across over 200 applications, reflecting the scale and diversity of these diffuse sources.

Deliberately as well as unintentionally introduced PFAS, by-products, play a role in environmental
release, making it difficult to determine the source (Curtzwiler et al., 2021; Dewapriya et al., 2023;
Gliige et al., 2020). Consumer-produced PFAS can also enter the human environment via a variety
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of routes, such as migration of food-contact materials into food, release of textiles during washing,
and indoor dust accumulation. Treated fabrics and disposable hygienics are also found to be the
possible sources of exposure especially indoors (De Silva et al., 2021; DeLuca et al., 2021,
Schellenberger et al., 2022; Yang et al., 2025). Even though the individual contributions can be
quite minor, their aggregate impact is a relatively consistent and underestimated source of PFAS
contamination.

1.2.3 Waste Management and Secondary Sources

Waste management systems are important in redistribution of PFAS in the environment. PFAS are
typically discarded in landfills, wastewater treatment systems, or incinerated; nevertheless, these
measures typically do not lead to full degradation. Consequently, they become secondary sources
that perpetuate and recycle contamination. PFAS-contaminated leachates produced by landfills
may seep into adjacent soils and groundwater. PFAS are not readily removed by wastewater
treatment plants (WWTPs), thereby releasing into surface waters where they accumulate in
biosolids which are commonly used in fertile soil. However, incineration despite the disposal
method could lead to incomplete destruction, and release of fluorinated by-products into air and
ash remains (Mishra et al., 2025).

The sources of major waste are landfills, WWTPs, biosolid-amended soils and sites affected by
the use of AFFF. These avenues lead to the contamination of PFAS in different compartments of
the environment, such as soil, water, and air (Davis et al., 2007; Guelfo et al., 2021; Hunter
Anderson et al., 2019; McGuire et al., 2014). The variety of these sources and their overlap
complicate the process of identifying the source, especially when history has not been well
documented.

1.2.4 Atmospheric Emissions and Long-range Transport

The distribution of PFAS across the globe is significantly influenced by atmospheric dynamics,
especially when it comes to volatile/semi-volatile precursor compounds. Emission sources include
industrial processes, use of products, disposal of waste, and volatilization of contaminated
surfaces. When released, PFAS may be transported to distant locations in the atmosphere and
deposited well beyond their sources (Prevedouros et al., 2006; Z. Wang et al., 2014). Direct and
indirect pathways contribute to atmospheric inputs. Direct sources entail the emission of terminal
PFAS whereas indirect include precursors like fluorotelomer alcohols and sulfonamides which can
be oxidized in the atmosphere to produce persistent perfluoroalkyl acids (Ellis et al., 2004;
Yarwood et al., 2007).

These processes of transformation successfully produce delayed secondary sources of PFAS in
remote settings. PFAS has been found in the precipitation, which demonstrates that wet deposition
is one of the main pathways of transferring PFAS between the atmosphere and terrestrial and
aquatic systems (Dreyer et al., 2010). In general, the synergistic actions of industrial emissions,
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diffuse consumer sources, redistribution through waste, and atmospheric transport cause
permanent and extensive PFAS contamination at local and global levels.

1.3 Environmental Distribution of PFAS

1.3.1 Occurrence in Aquatic Systems (Surface Water and Groundwater)

PFAS are extensively found in water bodies, such as rivers, lakes, coastal waters, and groundwater
systems. Their presence is an indicator of the constant contributions of point sources, including
industrial discharges and wastewater treatment plants (WWTPs), as well as diffuse pathways, such
as atmospheric deposition and leaching of contaminated soils and consumer products. Traditional
wastewater treatment methods are not usually efficient to eliminate PFAS, and they may be
released into water bodies (Rahman et al., 2014). Another characteristic of PFAS in water pollution
is the existence of precursors. Fluorotelomer alcohols and sulfonamides are neutral and semi-
volatile precursors that can be transformed into persistent perfluoroalkyl acids (PFAAs), so they
serve as delayed secondary sources of contamination (Ahrens & Bundschuh, 2014; Ellis et al.,
2004).

This contributes to the phenomenon of PFAS in regions without an apparent source of direct
emissions. PFAS concentrations in surface water and groundwater are usually in the range of pg
L' to ng L', however, much higher concentrations have been detected near industrial facilities
and those affected by aqueous film-forming foams (AFFF) (Ahrens et al., 2010; Mdller et al.,
2010; Rahman et al., 2014; Technology Solutions, 2006). Groundwater contamination is a
significant threat to the drinking water supply. Recent surveillance research shows that short-chain
homologues and precursor compounds are more mobile and persistent in water systems (Hu et al.,
2016).

1.3.2 Distribution in Soils and Sediments

Soils and sediments are significant environmental reservoirs because they have the ability to hold
the compounds over a long duration. PFAS sorption is regulated by a mixture of hydrophobic and
electrostatic forces between them due to their amphiphilic structure. Organic carbon content exerts
a leading role in increasing the retention of PFAS, whereas solution chemistry (pH and ionic
strength) also has additional effects on sorption (Higgins & Luthy, 2006). Chain length has a strong
influence on partitioning behavior: long-chain PFAS have a higher propensity to be sorbed to soils
and sediments and are likely to be found at the surface, whereas short-chain are more mobile and
are frequently found at deeper depths (Abou-Khalil et al., 2022; Han et al., 2025; Mussabek et al.,
2020; Sharp et al., 2021).

Sediments, in particular, not only serve as sinks but also as secondary sources, and they release
PFAS into the surrounding water by the processes of desorption and maintain long-term
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contamination (Brusseau et al., 2020; Cao et al., 2019; Pan et al., 2015). PFAS gets into soils
through industrial emissions, AFFF application, landfill leachates, and land application of
biosolids, whereas the minor contributors are atmospheric deposition and irrigation with
contaminated water (Mussabek et al., 2020; Sharp et al., 2021). Other hot spots include firefighting
training grounds, where it can be decades, leading to persistent plumes of groundwater and
environmental exposure (Guelfo & Higgins, 2013; Ruyle et al., 2023).

1.3.3 Occurrence in Biota

PFAS is commonly found in aquatic and terrestrial organisms, which indicates its persistence and
food web transferability. PFAS selectively attach to proteins and phospholipids resulting in
deposition in other tissues like blood and liver instead of fat tissue (Kelly et al., 2009). The
presence in food-webs has shown that some PFAS, specifically, the PFOS and long-chain perfluoro
carboxylic acids, have the ability to bio magnify between trophic levels which is observed in
freshwater and marine food webs (Fang et al., 2014; Ren et al., 2022). Recent data indicate that
the contamination of aquatic environments can extend into terrestrial food webs through pathways
such as via emergent insects (Hedgespeth et al., 2023).

PFAS may also find its way into the soil-plant food chains. Crops absorb it, especially short-chain
PFAS, which is of concern to food intake in humans and demonstrates the interdependence of the
environmental compartments (Han et al., 2025).

1.3.4 Global Transport and Remote Regions

Remote areas like the arctic and high alpine areas are also a significant receptor area to PFAS since
they are highly connected to the lower-latitude source areas. Their pollution is primarily associated
with long-range atmospheric and oceanic transportation, as opposed to local sources. Global
distillation, cold condensation, repeated cycles of volatilization, and deposition are some of the
processes that facilitate the build-up of persistent compounds in cold conditions. PFAS can be
long-lived once deposited; the residence time in the Arctic Ocean has been estimated to be 12.5 +
3.3 years (Macdonald et al., 2000).

Another source of global redistribution is ocean circulation. Basin-scale gradients in perfluoroalkyl
acids in open oceans have been observed in surveys of these substances, with the levels of PFOS
and PFOA typically being higher in the North Atlantic than in the South Pacific and Indian Oceans,
indicating large-scale transport due to ocean circulation. The profiles that are depth-dependent also
indicate that PFAS can act as water-mass movement tracers to the thermohaline circulation of the
world (Yamashita et al., 2008).

PFAS deposition has also been identified in arctic ice cores as evidence of long-term deposition,
which is also linked to atmospheric conversion of volatile precursors, including fluorotelomer
alcohols, to short chain perfluoroalkyl acids, and subsequent wet and dry deposition (Hartz et al.,

42



2023; X. Wang et al., 2019). The same tendencies have been reported in the alpine areas; e.g., the
snow cores in the Tibetan Plateau were found to have PFOS and PFOA in concentrations of 61.4—
336 pg L' and 40.8-243 pg L', respectively, which point to atmospheric transport as a significant
route (Wang et al., 2014).

In addition to such distant environments, United States is another example of the extensive
occurrence of PFAS in different environments. The PFAS Project Lab has developed data that has
identified over 2,000 contaminated sites in the country including sites related to industry, military
bases, airports, and wastewater treatment facilities (PFAS Project Lab, 2024).
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Figure 4. Graphical representation of the global PFASs contamination. In red are reported the known contaminated
spots, in purple the known PFASs user, in blue PFASs contaminated spots yet to be confirmed and in black PFAS
manufacturing facilities. Adapted from PFAS Data Hub, 2024.

1.3.5 European Distribution Patterns

Monitoring studies in Europe have shown the prevalence of PFAS in marine, freshwater and
terrestrial habitats and that the patterns of contamination are closely associated with human
activities. It is estimated that there are around 100,000 possible PFAS emission locations in
Europe, which reflects the magnitude and intricacy of contamination (EEA, 2019).
The presence of spatial gradients has been found in large-scale studies in European seas, such as
the North Sea, Baltic Sea, and Norwegian Sea, with increased concentrations in coastal waters,
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and decreased concentrations in remote waters. The patterns are a product of the combined effect
of riverine contributions, oceanic transport, and closeness to sources of emissions (Ahrens,
Gerwinski, et al., 2010).

The scope of contamination, including tens of thousands of contaminated or potentially
contaminated locations in Europe, has been further highlighted in recent projects like the Forever
Pollution Project and the PFAS Data Hub, indicating that the issue is probably underreported
(Cordner et al., 2024; PFAS Data Hub, 2024). Localized case studies also indicate the intensity of
contamination. As a case in point, in the 3M plant in Zwijndrecht (Belgium), long-term industrial
activity led to the very high levels of PFOS in soils and groundwater, necessitating massive
cleaning work.

1.3.6 PFAS Contamination in Italy

In the European context, Italy is one of the most widely documented cases of PFAS contamination.
The existence of PFOS, PFOA, PFHxS, and PFBS has been reported in the monitoring studies in
different water bodies. It is worth noting that the PFBS concentrations in the Po River delta were
16-21 times more than the PFOS, and the trend shifted towards the use of the short-chain PFAS
substitutes (Aminot et al., 2019). PFAS contamination has been also seen in agricultural systems,
where biosolids, a byproduct of wastewater treatment, have been found to contribute to soil
contamination with a range of 28 to 637 ng g! (Higgins & Luthy, 2006; Lindstrom et al., 2011;
Sun et al., 2011). Decades of fluorochemical manufacture (at a chemical plant in Trissino) in the
Veneto region of northern Italy resulted in widespread PFAS pollution found in 2013 affecting an
estimated 3,000-3,600 km? area (Giglioli et al., 2023).

Along with the contamination of groundwater, industrial discharges have also affected soils and
sediments of the Bacchiglione / Agno River systems. Groundwater flow and basin-level transport
processes have a significant impact on the distribution of PFAS in this area and lead to
contamination over long distances relative to the location of the initial source of emissions
(Schiavo et al., 2025). The fact that PFAS can be transferred to biological systems further
underscores their relevance in the environment. It has been reported in freshwater organisms, such
as fish in Alpine and subalpine lakes, and the accumulation varies according to anthropogenic
contributions, as well as environmental influences (Valsecchi et al., 2021). Likewise, selective
bioaccumulation of PFOS has been found in organisms like mussels in European coastal settings,
despite other PFAS prevailing in adjacent waters (e.g., PFBS) (Aminot et al., 2019).

In general, the European evidence, along with the case study of Italy and the Trissino hotspot of
contamination, reveals that the distribution of PFAS is extremely heterogeneous.
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1.3.7 Regulatory Monitoring Data

PFAS persistence and health hazards have escalated regulatory surveillance of PFAS at the
European and international levels. In the European Union, the recast Drinking Water Directive
(DWD; Directive (EU) 2020/2184) sets the harmonized drinking water PFAS standards. The
directive has two parameters: the Sum of PFAS (20 chosen compounds) and the Total PFAS with
parametric values of 0.10 pg L-' and 0.50 pg L-! respectively. These limits will be compulsory by
January 2026 in Member States (European Commission, 2026).

The European Food Safety Authority (EFSA) has taken a cumulative exposure approach and has
set a tolerable weekly intake (TWI) of four major PFAS (PFOA, PFOS, PFNA and PFHxS) at 4.4
ng kg! of body weight. This is an indication of concern about combined exposure, especially
among the vulnerable population like children. The World Health Organization (WHO) advocates
precautionary management by the “As Low As Reasonably Achievable” (ALARA) principle at the
international level. Nevertheless, these initiatives have not yet resulted in the desired outcomes, as
the data provided by the European Environment Agency (EEA) show that the levels of PFOS and
PFOA are often above the ecological quality thresholds in surface waters (EEA, 2024).

The case of Italy can illustrate the current regulatory issues. After the introduction of the DWD
into law (Legislative Decree 18/2023), tracking programmes have revealed the contamination
outside of the industrial regions that were previously identified. PFAS groundwater concentrations
in the Veneto region are still high above the regulatory levels despite efforts to manage the situation
using granular activated carbon (GAC) filtration. Moreover, surveillance in the Piedmont area,
especially around the Spinetta Marengo industrial facility, has shown that there are new
compounds emerging including CsO4. Recent biomonitoring results also highlight persistent
exposure, and about 9 % of the local population has serum PFAS concentrations exceeding health-
based reference values (Randazzo et al., 2025; Regione Piemonte, 2025).

1.4 Toxicity of PFAS

1.4.1 Environmental (Ecotoxicological) Effects

Exposure to PFAS has been associated with decreased survival, slowed growth and development,
oxidative stress, neurotoxicity, and reproductive dysfunction, especially in invertebrates, plankton,
and microorganisms (Ma et al., 2022; Nayak et al., 2023). Primary producers are particularly
vulnerable. Phytoplankton species, including Daphnia magna, have been extensively used to
determine PFAS toxicity. They experience reduced reproduction, growth, and photosynthetic
activity, which could disrupt primary production and energy flow within aquatic ecosystems. On
the microbial level, exposure to PFAS has been linked to oxidative stress, membrane damage, and
metabolic changes, indicating effects on the ecosystem functioning (Ma et al., 2022).

They may also change the soil microbial communities, including abundance, diversity, and
metabolic activity, with many more tolerant taxa, such as Proteobacteria, increasing, and overall
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microbial activity decreases (Senevirathna et al., 2022a; Wu et al., 2023; Xu et al., 2022). These
changes can potentially affect the nutrient circulation and organic matter decomposition. PFAS
exposure in terrestrial systems has caused negative impacts on the soil invertebrates, including
reduced survival, growth, and reproduction (Houde et al., 2011a; Zhang et al., 2025).

1.4.2 Bioaccumulation and Trophic Transfer

A defining characteristic of PFAS is their ability to bioaccumulate and transfer across food webs.
Unlike traditional hydrophobic contaminants, PFAS are selective to bind proteins and
phospholipids but not lipids, thus accumulating mainly in tissues that are rich in proteins like liver
and blood (Kelly et al., 2009). Some PFAS, especially PFOS and long-chain perfluoro carboxylic
acids have been found to bio magnify throughout trophic levels in freshwater and marine systems.
Dietary exposure and low elimination rates contribute greatly to accumulation, particularly in long-
lived organisms like marine mammals (S. Fang et al., 2014; Kelly et al., 2009; Ren et al., 2022).

The PFAS transfer is also across the ecosystem boundaries. Aquatic insects may serve as vectors,
moving PFAS between aquatic and terrestrial food webs and exposing terrestrial predators
(Hedgespeth et al., 2023; Kotalik et al., 2025). Soil-plant pathways also play a role in terrestrial
systems in terms of trophic transfer, especially those of short-chain PFAS, which are more mobile
and easily absorbed by plants (Han et al., 2025). All these interrelated pathways raise the likelihood
of ecological and human exposure.

1.4.3 Human Health Effects

Humans are exposed to PFAS via a variety of routes, such as contaminated drinking water, food,
inhalation of indoor dust, and contact with consumer products. Among them, the primary exposure
pathways of the general population include drinking water and consuming food, especially fish
and animal products (Domingo & Nadal, 2017; Houde et al., 2011b). Their high affinity to proteins
and metabolic resistance results in long biological half-lives of many PFAS, which means that
some are accumulated internally over time (EFSA, 2020; ATSDR, 2021).

One of the most reproducible effects is immunotoxicity and studies have associated PFAS
exposure, particularly PFOA and PFOS, with decreased vaccine response and increased
susceptibility to infections, especially in children. These results are the basis of the modern
methods of risk assessment, such as the introduction of a group of Tolerable Weekly Intake (TWI)
of the group once a week by EFSA, regarding immune-related endpoints (EFSA, 2020).

PFAS are also considered endocrine-disrupting chemicals, with reported associations to altered
thyroid hormone levels, disrupted lipid metabolism, and effects on reproductive hormones, which
are probably mediated by interactions with nuclear receptors and hormone transport systems
(ATSDR, 2021; EFSA, 2020; Sunderland et al., 2019).
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Carcinogenicity of some of the PFAS has also been assessed. PFOA is categorized as carcinogenic
to humans and PFOS is possibly carcinogenic with experimental and mechanistic evidence (IARC,
2023; NASEM, 2024). It has been reported to be associated with liver and breast cancer although
there are uncertainties (ATSDR, 2021). Moreover, there is concern about the developmental and
reproductive effects, where maternal exposure is associated with less fetal growth, low birth
weight, and poor pregnancy outcomes. Exposure during the early life could be due to placental
transfer and breastfeeding (Gao et al., 2019; Manzano-Salgado et al., 2015; Zheng et al., 2021).

In general, the effects of PFAS exposure on health have a wide spectrum of negative outcomes
related to various physiological systems. Their perseverance and prevalence support their
significance to be a global health concern.

1.5 PFAS Remediation Approaches: Current State of Knowledge

PFAS pose a significant dilemma in remediation because of their extreme persistence, water
mobility, and their ability to resist natural attenuation. The potency of the carbon fluorine (C—F)
bond restricts the efficiency of conventional treatment techniques normally applied to the removal
of organic contaminants. Consequently, the majority of the existing methods are based on either
physical separation or energy-demanding destructive reactions, both of which are highly
constrained both technically and practically (Renella et al., 2025; Tshangana et al., 2025).

1.5.1 Conventional Remediation Technologies

1.5.1.1 Adsorption and Ion Exchange

PFAS removal in contaminated water is commonly achieved with adsorption-based technologies,
specifically with granular activated carbon (GAC), it works depending on hydrophobic
interactions and van der Waals forces to a great extent, which prefer retention of PFAS in the
porous carbon matrix. GAC tends to be more efficient with long-chain PFAS than short-chain
counterparts (Tshangana et al., 2025).

Ion exchange (IX) resins have been developed to enhance removal efficiency, especially of anionic
PFAS. These materials usually include quaternary ammonium functional groups which facilitate
electrostatic attraction as well as hydrophobic partitioning. IX resins in most instances have a
greater sorption capacity compared to GAC, particularly when it comes to sulfonated PFAS like
PFOS and PFHxS (Milinovic et al., 2015; Nkin, 2025).

47



1.5.1.2 Membrane Based Separation

Nanofiltration (NF) and reverse osmosis (RO) are considered to be among the best membrane
technologies as physical barriers. Their separation principle is founded on both the size exclusion
and electrostatic repulsion, which can frequently result in rejection rates of more than 99% of both
legacy and emerging PFAS, as well as short-chain (Tshangana et al., 2025).

1.5.1.3 Thermal and Destructive Approaches

In contaminated solids, PFAS can be volatilized by thermal desorption, usually in the range of 350
to 550°C, then the volatilized compounds should be collected and treated. Total destruction is
usually achieved by high-temperature above 1,100 °C in order to be effective in breaking the C-F
bond (Aggelopoulos, 2026; Renella et al., 2025).

1.5.2 Limitations of Conventional Remediation Approaches

Although these technologies have become very common, traditional remediation technologies
have a number of serious limitations.

To begin with, most methods are non-destructive and are phase-transfer processes and produce
secondary waste streams such as spent sorbents or concentrated brines, which also need to be
treated with further energy-intensive incineration (Renella et al., 2025; Tshangana et al., 2025).

Second, short-chain PFAS and precursor compounds are less easily handled by these technologies
and are more mobile than other pollutants, further developing into persistent end-products in the
environment (Nkin, 2025; Renella et al., 2025)

Third, the operation of advanced destructive technologies is still economically and energetically
intensive, which restricts the applicability to a large scale, especially to dilute environmental
matrices such as groundwater and sediments (Aggelopoulos, 2026; Olawade et al., 2025).

1.5.3 Toward Biological Alternatives

The shortcomings of traditional remediation have generated the interest of biological methods as
supplementary measures to deal with PFAS. Biological systems can be used under relatively mild
conditions unlike physical or thermal treatments and can provide lower-energy, more sustainable
long-term treatment. At present, however, PFAS bioremediation remains an emerging field rather
than an established solution. The primary focus of bioremediation is not the demonstration of the
large-scale destruction of all PFAS as the complete mineralization of heavily fluorinated
substances is exceptionally challenging. Instead, it has a potential in the transformation of the
chosen PFAS precursors, alteration of PFAS speciation, and the potential of decreasing the
mobility of contaminants or long-term risk at environmentally relevant conditions (Olawade et al.,
2025).
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This has shifted focus to microbial processes which could lead to PFAS transformation, especially
in polluted soils, sediments, and wastewater related systems. Accordingly, recent research has
increasingly focused on the role of microorganisms not only as passive recipients of contamination
but also as potential contributors to PFAS transformation and environmental response. This
perspective provides the basis for examining PFAS—microbe interactions in greater detail.

1.6 PFAS and Microbes

1.6.1 Microbial Responses to PFAS Contamination

PFAS when exposed to the environment has the potential to cause selective pressure on microbial
communities, which results in structural and functional shifts. A number of studies have reported
changes in microbial communities in polluted soils, sediments, and wastewater systems, which are
usually marked by the increase in taxa that are more resistant to chemical stress. Proteobacteria
and other group members have often been found to rise in relative abundance during PFAS
exposure, which is associated with adaptive responses related to membrane reorganization, efflux
systems, or stress signaling (Senevirathna et al., 2022a; E. Wu et al., 2023; Xu et al., 2022).

Microbial activity may also be affected with PFAS exposure. There are experimental studies that
have revealed a decrease in microbial biomass, change in the activity of enzymes, and interference
with the metabolic processes especially at the higher contaminant concentration. These impacts
are different and depend on the type of PFAS, level, duration of exposure, and environmental
factors. Some microbial communities seem to be suppressed, but others survive or even grow,
which suggests that the PFAS contamination does not suppress microbial communities, but it alters
them (Senevirathna et al., 2022a; J. Zhang et al., 2025).

These findings suggest that PFAS contaminated environments are still biologically active
environments where microbial communities persist in operating under chemically altered
conditions.

1.6.2 Microbial Transformation of PFAS

Direct microbial degradation of PFAS has little evidence and is mostly restricted to specific
compounds and in controlled experimental conditions. The majority of reported interactions
between microbes are during co-metabolic interactions, where transformation happens when
microbes grow on other substrates and not through direct exploitation of PFAS as a carbohydrate
or energy source (Liu & Mejia Avendano, 2013; Shahsavari et al., 2021).

Polyfluorinated precursor compounds are generally more susceptible to microbial transformation
than fully fluorinated perfluoroalkyl acids. In contrast, terminal PFAS such as PFOA and PFOS
show strong resistance to biological breakdown under environmentally relevant conditions.
Although both aerobic and anaerobic systems have been shown to support transformation
processes, these interactions typically involve partial modification rather than complete
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degradation. Reports of microbial defluorination remain limited and are associated with specific
compounds and controlled conditions, indicating that cleavage of the carbon—fluorine bond is not
a widespread microbial capability (Che et al., 2021; Yu et al., 2022).

Overall, microbial processes tend to result in transformation or redistribution of PFAS rather than
mineralization, often leading to the persistence of stable end-products.

1.6.3 Key Microbial Taxa in PFAS-Impacted Environments

Most reported microbial responses involve physiological adaptation and interaction with PFAS
precursors rather than complete degradation, and current evidence is largely correlative. The
microbial genera summarized below represents taxa most frequently reported in PFAS-
contaminated environments, along with their proposed adaptive or functional traits.

Table 3. This table summarizes representative microorganisms, plants, and algae for which experimental evidence of
PFAS interaction has been reported, including uptake, tolerance, or transformation of PFAS or PFAS precursors under
laboratory conditions. The listed examples are not exhaustive and are intended to highlight well-documented cases
discussed in the primary literature. More comprehensive and extended compilations of PFAS-associated biological
systems, including emerging and indirect evidence, are available in recent critical reviews of PFAS bioremediation
strategies (Bhattacharya et al., 2025, Shahid & Shafi, 2026).

Biological system Representative PFAS/ Reported outcome Key reference(s)
organism(s) precursor
studied
Bacteria (iron- Acidimicrobium sp. A6 PFOA, Reported transformation (S. Huang et al., 2024;
reducing / anaerobic) PFOS and fluoride release under S. Huang & Jaffe,
Feammox conditions 2019; Ruiz-Urigiien et
(contested) al., 2022)
Dehalococcoides spp. PFMeUPA, | Reductive transformation
6:2 FTUCA | of unsaturated PFAS under | (Yu et al., 2020, 2022)
anaerobic conditions
Bacteria (aerobic Labrys portucalensis F11 PFOS, 6:2 Co-metabolic (Wijayahena et al.,
heterotrophs) FTS, 5:3 transformation under 2025)
FTCA aerobic conditions
Pseudomonas spp. 6:2-8:2 Aerobic oxidation of
(oleovorans, butanovora, FTOH fluorotelomer alcohols (M. H. Kim et al.,
fluorescens DSM 8341) 2012, 2014)
Dietzia aurantiaca J3 6:2 FTSA Transformation of PFAS (Méndez et al., 2022)
precursor
Gordonia sp. NB4-1Y 6:2 FTAB, Aerobic transformation of (Shaw et al., 2019)
6:2 FTSA PFAS precursors
Bacteria (tolerance / Pseudomonas parafulva PFOA Uptake and partial removal (Mudumbi et al.,
interaction studies) YABI under laboratory conditions 2014)
Pseudomonas aeruginosa | PFOS Reduction in aqueous
HJ4 PFOS concentration; no (Kwon et al., 2014)
confirmed defluorination
Pseudomonas PFOS Physiological response and (Chetverikov et al.,
plecoglossicida 2.4-D stress tolerance; no 2017)
mineralization
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Fungi (white-rot / Pleurotus ostreatus PFOA Uptake and partial (Luo et al., 2015)
ligninolytic) transformation
Phanerochaete 8:2 FTOH Transformation of (Tseng et al., 2014)
chrysosporium fluorotelomer alcohol
Gloeophyllum trabeum, 6:2 FTOH Fungal-mediated precursor (Merino et al., 2018)
Trametes versicolor transformation
Plants Eichhornia crassipes, PFOA Uptake and accumulation (Mudumbi et al.,
(phytoremediation) Xanthium strumarium, in plant tissues 2014)
Polygonum salicifolium
Algae Chlorella sorokiniana PFOA Uptake and physiological (Bah Abbas, 2022)
stress response
Chlorella vulgaris, PFOA, Bioaccumulation and (Mojiri et al., 2023)
Scenedesmus obliquus PFOS tolerance

1.6.4 Mechanisms Involved in PFAS Transformation

The transformation mechanisms that regulate the interaction between microorganisms and PFAS
are based on molecular structure, environmental conditions, and metabolic context. Most of the
reported processes do not entirely mineralize but transform partially, typically mediated by co-
metabolic processes. Below, these mechanisms are described regarding dominating reaction
pathways and related enzymatic activities.

1.6.4.1 Aerobic Oxidation of Fluorotelomer Alcohols (FTOHs)

PFAS-related compounds that have been the most frequently reported to be transformed by
microbes under aerobic conditions include fluorotelomer alcohols (FTOHs). The oxidation of non-
fluorinated alcohol moiety is usually the initial step in transformation, which is usually linked to
oxygenase activity.

The result of this process is the formation of sequentially fluorotelomer aldehydes (FTAL),
fluorotelomer carboxylic acids (FTCA), and fluorotelomer unsaturated carboxylic acids (FTUCA).
These intermediates can take various pathways of transformation, leading to the x:3 acids and in
certain systems, to terminal perfluoroalkyl carboxylates (PFCAs). These are mostly co-metabolic
pathways that do not directly utilize PFAS as growth substrates (Kim et al., 2012).
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Figure 5. Proposed aerobic biotransformation pathways of 6:2 and 8:2 fluorotelomer alcohols (FTOHs) by
Pseudomonas oleovorans and Pseudomonas butanovora. The schematic illustrates two co-metabolic transformation
routes. Pathway I predominantly result in the formation of terminal perfluoroalkyl carboxylic acids (PFCAs), whereas
Pathway II leads primarily to x:3 acids (5:3 or 7:3 acids) with minor production of shorter-chain PFCAs. P.
oleovorans were observed to utilize both pathways, while P. butanovora predominantly followed Pathway 1. Adapted
from Kim et al. (2012).

1.6.4.2 Anaerobic Biotransformation of Fluorotelomer Compounds

In anaerobic conditions, the transformation of PFAS is typically less extensive and follows the
route of altering the non-fluorinated part of the molecule. Methanogenic sludge systems have
demonstrated that intermediates including FTAL, FTCA, and FTUCA can be converted to FTOHs,
with x:3 acids generally depicting the most prevalent transformation products. Compared to
aerobic systems, terminal PFCAs are typically insignificant, and minimal to no fluoride emission
is noted. These results point to the fact that anaerobic transformation is more associated with
functional group modification than breakage of carbon—fluorine bonds (Zhang et al. 2013).
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Figure 6. Anaerobic biotransformation pathways of 6.2 and 8:2 fluorotelomer alcohols (FTOHs) in digester sludge
under methanogenic conditions. Polyfluorinated acids are shown in deprotonated form, consistent with the slightly
alkaline conditions of anaerobic digesters. Dashed boxes indicate major intermediate products, while solid boxes
represent the dominant stable transformation of products. Adapted from Zhang et al., (2013).

1.6.4.3 Reductive Defluorination of Unsaturated PFAS

Direct cleavage of the carbon—fluorine bond has been reported only in limited cases and is largely
restricted to specific unsaturated PFAS compounds. In these systems, the presence of carbon—
carbon double bonds appear to increase susceptibility to microbial attack.

Experimental studies using anaerobic enrichment cultures have demonstrated that certain
compounds can undergo reductive defluorination, resulting in fluoride release and the formation
of partially defluorinated intermediates. These reactions are typically selective and structure-
dependent and have not been demonstrated for fully fluorinated compounds such as PFOA or
PFOS (Yu et al., 2022).
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Figure 7. Proposed anaerobic biotransformation pathways of U-C5a. The scheme illustrates sequential reductive
reactions leading to the transformation of U-C5a through a combination of reductive defluorination and
hydrogenation steps under anaerobic conditions. Red arrows indicate reductive defluorination reactions associated
with fluoride release. Adapted from Yu et al. (2022).

1.6.4.4 Enzymatic Involvement in PFAS Transformation

Although several transformation pathways have been described, the enzymatic basis of PFAS
transformation remains only partially understood. Most reported processes are associated with
non-specific enzymes involved in xenobiotic metabolism rather than dedicated PFAS-degrading
systems.

Fluoroacetate dehalogenases: Fluoroacetate dehalogenases are among the few enzymes capable
of cleaving carbon—fluorine bonds, but their activity is largely restricted to short-chain substrates
and decreases with increasing fluorination (Berhanu et al., 2023; Wackett, 2022).

Oxygenases and co-metabolic oxidation: Oxygenases, particularly monooxygenases, play a
central role in the aerobic transformation of PFAS precursors by initiating oxidation of non-
fluorinated functional groups (Kim et al., 2012, 2014; Liu & Mejia Avendafio, 2013).

Extracellular oxidative enzymes: Fungal enzymes such as laccases and peroxidases have been
investigated for their potential to induce partial PFAS transformation through oxidative
mechanisms, although their effectiveness remains variable (Colosi et al., 2009; Cranwill, 2022;
Luo et al., 2015).

Feammox-associated processes: Feammox-related processes, linking ammonium oxidation to
Fe(III) reduction under anoxic and mildly acidic conditions, have been proposed as a potential
framework for PFAS defluorination in Acidimicrobium sp. A6. While fluoride release and shorter-
chain PFAS products have been observed in Feammox-enriched systems, the enzymatic basis of
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these reactions remains unresolved, and the relative contributions of biological and abiotic
mechanisms continue to be investigated (S. Huang & Jaffe, 2019; Jaffé et al., 2024).

Comprehensively, existing evidence suggests that microbial relationships with PFAS are
predominantly restrained to partial transformation mechanisms, frequently including precursor
molecules and co-metabolic routes, as opposed to full mineralization. Although strain-level
systems have given significant information about these mechanisms, they are oversimplified
systems that do not represent the complexity of the environment. In the natural environments,
microorganisms operate in interdependent communities, with metabolic processes spread across a
variety of taxa. This underscores the need to think of microbiomes as systems when analyzing
PFAS behavior in the environment.

1.7 Microbiomes as Functional Systems in PFAS-Impacted Environments

The microorganisms in the natural environment rarely act as single organisms; instead, they occur
as structured and interacting communities within certain physicochemical conditions. In this
broader sense, the microbiome encompasses not only the microorganisms themselves but also their
collective genetic potential (Berg et al., 2020; Marchesi & Ravel, 2015). The definition is
especially applicable to environmental systems, where interactions between multiple taxa give rise
to microbial processes.

In contaminated environments, community composition, metabolic diversity, and interspecies
relations collectively affect the fate of contaminants. Although strain-based studies have been
useful in determining particular transformation pathways or tolerance characteristics, they only
provide a small percentage of the biological heterogeneity evident in soils, sediments, and other
environmental matrices. A community level framework is needed to better understand the way
microbial systems react to PFAS contamination and the distribution of functional roles among taxa
(Berg et al., 2020; Shahsavari et al., 2021).

1.7.1 From Single Organisms to Community-Level Processes

Microbial interactions with PFAS have been extensively studied in pure cultures or enriched
isolates. Controlled studies on tolerance, uptake, and limited transformation processes are useful.
Nevertheless, they are not indicative of the ecological structure of natural communities in which
functions are shared among multiple organisms and that emerge as a result of metabolic
cooperation, competition, and succession. It is a fact that strain-level measurements are not
sufficient to predict how behaviors will be in the context of complex microbial systems (Marchesi
& Ravel, 2015; Shahsavari et al., 2021). Conversely, intact microbiomes are complementary
distributed processes that lie in the functional capability of taxa. One group can bring about
transformation of precursor compounds; others can process intermediates or control environmental
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factors such as redox state. This type of interdependence between the metabolisms is especially
applicable to PFAS because the interactions are generally slow, co-metabolic, and highly reliant
on the environmental context (Liu & Mejia Avendafio, 2013; Shahsavari et al., 2021).

The implication of methodological aspects is significant. Disruption during sampling, storing, or
subculturing can not only change composition but functional capacity when the functional traits
are community distributed. Intact microbiomes preservation is not only concerned with preserving
biomass, but also with preserving ecological interactions and emergent functions that can be lost
by change of community structure (Prakash et al., 2020). Collectively, these points favor a
transition between reductionist methods to a community-level perspective. Microbiomes in PFAS-
affected environments have to be regarded as dynamic systems whose structure and functional
integrity should be at the core of the understanding of contaminant response and evaluation of the
long-term preservation impact (Berg et al., 2020; Shahsavari et al., 2021).

1.7.2 Microbiome Adaptation under PFAS Exposure

The long-term exposure to per- and polyfluoroalkyl substances (PFAS) can become a selective
pressure on the microbiomes present in the environment, resulting in an alteration of the
composition and functional capacity. PFAS frequently lead to reorganization of the community,
but instead of complete inhibition, sensitive taxa are more frequently killed off and stress-tolerant
populations enriched. This has been seen in soils, sediments, and wastewater systems, where taxa
including Proteobacteria and Actinobacteria are usually enriched. The patterns are adaptive, such
as a change in membranes, efflux activity, and systems of general stress responses that aid survival
in chemical stress (Senevirathna et al., 2022b; Xu et al., 2022).

Microbiome functioning is also affected by exposure to PFAS. Research indicates biomass
decreases, alterations in the enzyme activity, and carbon and nutrient cycle disruptions especially
in high concentrations (Ye et al., 2022; Zhang et al., 2013). Nevertheless, microbial activity is
neither entirely inhibited but is reallocated to taxa meaning that PFAS-contaminated environments
remain biologically active at changed conditions. These reactions are a response to ecological
adaptation and not the appearance of specific PFAS-degrading organisms. These adaptations are
also influenced by environmental context.

The heterogeneity and differences in properties of organic matter content, redox conditions and
heterogeneity affect the degree of community restructuring with the more stable systems being
more conserved structurally and the environments with heterogeneity being more divergent. In
general, PFAS pollution triggers the adaptation of the microbiome mainly by restructuring the
communities and the functional changes within the environmental limitations (Liu & Mejia
Avendario, 2013; Shahsavari et al., 2021).
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1.7.3 Functional Potential of Microbiomes in PFAS Transformation

Microbiomes have a functional role in the PFAS-impacted environment that is largely linked to
restricted structure-specific transformation processes instead of full degradation. The existing
evidence suggests that microbial communities respond to polyfluorinated precursors much easier
than to completely fluorinated perfluoroalkyl acids, which can be explained by the ease of access
to non-fluorinated functional groups by microbial metabolism (Butt et al., 2014; Liu & Mejia
Avendano, 2013). Such transformations are commonly co-metabolic in microbiomes, as they
happen as a by-product of the metabolism of other substrates. General organic matter turnover
enzymes might trigger the conversion of precursor compounds into intermediate products and, in
most instances, terminal perfluoroalkyl acids which remain in the environment (Harding-
Marjanovic et al., 2015; Shahsavari et al., 2021).

Consequently, microbial activity is likely to change PFAS composition, but not fluorine. Besides
direct transformation, microbiomes may also affect the behavior of PFAS indirectly by altering
the environmental conditions. The redox status and organic matter composition are some of the
factors controlled by microbial processes and influence the sorption and mobility of PFAS in soils
and sediments (M. A. Nguyen et al., 2017). Nevertheless, despite these interactions, most PFAS,
especially long-chain compounds, including PFOA and PFOS, have not been shown to undergo
any consistent defluorination or mineralization. Altogether, microbiomes contribute to the
determination of the fate of PFAS not by direct degradation but instead via co-metabolic
transformation of precursors and environmentally mediated mechanisms.

1.7.4 Relevance for Environmental Biotechnology and Remediation

Although these interactions of microbiomes with PFAS are also limited, they have significant
impact on environmental biotechnology. Instead of facilitating total degradation, microbial
systems play a major role in transforming and changing the behavior of PFAS precursors and
modifying them under environmental conditions. This implies that microbiomes can be regarded
as part of an integrated remediation, in which the biological processes will be used as supplements
to the physical and chemical ones. In this regard, it is crucial to comprehend the stability, functional
capacity, and reproducibility of microbiomes, especially in applications where there is a need for
a consistent performance of microbiomes in environmental conditions over time.

1.8 Preservation of Intact Environmental Microbiomes

Maintaining the microbiomes of the environment in a manner that does not alter their original
composition, and functionality is also a major challenge. Isolation of microbial communities out
of the environmental matrix is typically done in two major ways, or preservation of the intact
sample containing the microbial communities. The latter method preserves the physical structure
and chemical gradients of the matrix, which may affect community stability in the course of
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storage. The preservation of intact samples is not however simple. Managing and storage may
cause disruptions which change the community structure and recovery. On the contrary, isolation-
based methods make the system easy but might not capture the original environmental conditions.
Although it is relevant, the long-term maintenance of intact environmental microbiomes is under-
studied, especially when it comes to stability and functional recovery after storage (Prakash et al.,
2020).

1.8.1 Fundamental Challenges in Microbiome Preservation

Preservation of environmental microbiota is more complicated than preservation of pure cultures:
they exist in organized communities instead of being individual organisms. Maintaining a
microbiome thus involves not just maintaining a taxonomic composition but also the conditions
that enable the activity of it (Berg et al., 2020; Marchesi & Ravel, 2015). The main issue is that
even when the composition of a community may seem to be stable, any disruption during sampling
or storage may result in functional loss. This is of especially high concern to environmental
microbiomes, where uncultivable organisms constitute a proportion of the total population and
cannot be regained after being lost. Moreover, DNA-based measurements can be inaccurate in
terms of preservation success, since the stability of nucleic acids does not always indicate the
viability and activity of microbes (Prakash et al., 2020; Vartoukian et al., 2010)

Microbial populations are also very delicate to external disturbances. Changes in temperature,
oxygen or storage environments may selectively advantage select taxa leading to changes in
community structure and functionality. In general, preservation of microbiomes is still a difficult
task as it 1s hard to preserve the community structure and functioning across time (Lauber et al.,
2010).

1.8.2 Effects of Sampling and Storage on Microbiome Structure and Function

Microbiome structure and function can be affected by sampling and storage greatly. The microbial
community will start to react as soon as it is sampled, and the time between the collection and
preservation can produce changes in the composition, which usually benefit fast-growing or stress-
tolerant microorganisms. The changes may modify the initial ecological profile of the sample, in
particular, when the conditions are poorly controlled (Lauber et al., 2010; Rubin et al., 2013)

Storage conditions, particularly temperature, are also important in identifying microbiome
stability. Ambient or refrigerated storage is linked to the further microbial activity and restructuring
of the community, and freezing lessens but does not remove selective forces. Subsequently, relative
abundance shifts can be experienced, and vulnerable populations would be lost even at frozen
temperatures. Besides compositional effects, storage may have an effect on microbiome
functioning. After storage, decreases in metabolic activity, enzyme activity, and substrate use have
been described, which means that even taxonomically stable functional potential may be lost
(Prakash et al., 2013, 2020).
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In general, sampling and storage both cause biases, which may affect the integrity of microbiomes,
which underscores the need to use standardized handling and preservation techniques in
environmental research.

1.8.3 Limitations of Current Microbiome Preservation Strategies

The majority of microbiological preservation methods are optimized to handle pure cultures and
do not entirely apply to microbiomes of complex environments. Freezing and cryopreservation at
—20 °C or —80 °C are common methods to reduce microbial activity and conserve nucleic acids
but will lead to cellular damage because of ice crystal formation and osmotic stress, resulting in
different taxa surviving better than others and causing a change in community composition
(Kerckhof et al., 2014; Prakash et al., 2013).

Cryoprotectants like glycerol are also usually added to minimize the effects of freezing by
stabilizing cell membranes. Although they enhance survival, the extent of their effectiveness in
different microorganisms is different, and disparities in physiological tolerance may still lead to
biases in community structure (Kerckhof et al., 2014). Storage at 4 °C, common in handling the
samples, can only be used for short term storage as it permits further microbial activity and
alteration of composition. In this case, stress-resistant or fast-growing organisms can be
preponderant and change the initial microbiome profile (Lauber et al., 2010).

Notably, success in preservation is commonly determined by the viability of DNA and not
functional recovery. Even though the taxonomic profiles can seem to be stable following storage,
microbial viability and activity declines are often observed, and modern methods are not sufficient
to preserve the microbiome performance over time (Prakash et al., 2020). In conclusion, the current
measures offer partial preservation and might not sufficiently preserve the integrity of
environmental microbiomes in long-term storage.

1.8.4 Structural-Functional Limitations and Study Gaps

The most important limitation of the microbiome preservation literature is the lack of connection
between structural stability and functional integrity, especially when storing the microbiome over
time. The majority of studies are based on DNA-based analyses, which characterize the
composition of a community, but are not indicative of microbial viability and activity.
Consequently, microbiomes can be taxonomically stable with a low culturability, lower enzymatic
activity, and substrate use (Kerckhof et al., 2014; Prakash et al., 2020).

This is due to the fact that even when cells are damaged or inactive, nucleic acids may still be left
there and, as a result, the success of preservation is overestimated. Moreover, there is scanty current
literature on the long-term conservation of intact environmental microbiomes. Available literature
is mostly concerned with short-term storage or simplified mechanisms, whereas the more
complicated matrices, including soils and sediments, are underrepresented. Moreover, structural,
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and functional recovery are rarely measured concurrently, such that the outcomes of preservation
cannot be understood in the long term (Prakash et al., 2013, 2020).

The long-term storage may also lead to cumulative stress, selective survivance of resistant taxa
and breakdown of community interactions, leading to disillusionment of the initial microbiome.
These changes cannot be adequately reflected in compositional analyses but can have a notable
impact on functional performance. Altogether, the absence of unified, longitudinal analyses of
structure and functionality is a significant gap in the research concerning the preservation of
microbiomes.

1.8.5 Relevance to the Present Study

Considering these constraints, systematic assessment of microbiome preservation under
environmental conditions of interest is required. It is especially relevant to contaminant affected
systems, in which repeated sampling is frequently limited. To fill this gap, this study considers the
long-term preservation of soil/sediment microbiomes. It determines structural stability and
functional recovery, such as microbial viability, community composition, and response to
enrichment conditions through the combination of culture-dependent and culture-independent
methods. The purpose of this approach is to find out whether preserved microbiomes can be
considered useful and reproducible tools to study microbial processes in contaminated
environments.
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Chapter 2. Materials and Methods

2.1 Sample Description and Storage Conditions

Two PFAS-impacted matrices were collected, a soil and a sediment sample from contaminated
sites in the Veneto region (Italy). The sites are in areas subject to historical PFAS contamination
and were selected to provide different environmental matrices with different physio-chemical
properties.

2.1.1 Sampling Sites

e Soil sample (Soil; Lonigo, VI)
o Location: Lonigo, Vicenza Province, Veneto region, Italy
o Geographic coordinates: 45.37996°N, 11.37743°E
o Environmental matrix: Agricultural Soil
o Sampling was planned in collaboration with, and site access was granted by, the
Municipality of Lonigo and “Mamme no PFAS”
e Sediment sample (Sed; Trissino, VI)
o Location: Trissino, Vicenza Province, Veneto region, Italy
o Geographic coordinates: 45.549694°N, 11.386583°E
o Environmental matrix: Sediment
o Sampling was planned in collaboration with, and site access was granted by,the
Municipality of Lonigo and “Mamme no PFAS”

2.1.2 Determination of Moisture Content

Three subsamples (approximately 10g each) of soil and sediment were weighed to determine the
initial mass and then dried in an oven at 60°C for 72 hours until constant weight was reached. The
dry weight was determined, and moisture content was calculated on the weight lost after drying.
The moisture content of the sediment sample (55.3 + 0.4%) was much higher than that of the soil
sample (27.3 + 1.6%), which is likely due to the inherent differences in the composition and water
holding capacity of the two matrices.

Table 4. Moisture content of soil and sediment samples.

# Samples Replicates Initial Weight Final Weight* |Humidity (%)
A 10.00 7.33
1. Soil B 10.06 7.44 273+1.6
(Lonigo) C 10.06 7.13
A 10.13 4.57
2. Sediment B 9.94 4.42 553+04

61



| | (Trissino) | C | 10.07 | 4.48 |

2.1.3 PFAS Concentrations in Soil and Sediment

The concentrations of selected per- and polyfluoroalkyl substances (PFAS) measured in the soil
and sediment samples were previously analyzed through liquid chromatography-mass
spectrometry (LC-MS) and reported in Table 5. The sediment sample showed a markedly higher
total PFAS burden (17,700 ng/kg) compared to the soil sample (5,370 ng/kg). In sediment, PFOS
and PFSA were the dominant compounds, whereas PFOA represented the most abundant PFAS
detected in the soil matrix.

Table 5. PFAS concentrations in soil and sediment samples (ng/kg).

Soil Sed

ng/Kg ng/Kg

PFBA 1400 2340
PFPeA 800 <50
PFHxA 420 <50
PFHpA 120 <50
PFOA 3 000 3100
PFBS 100 <50
PFHxS <50 <50
PFOS 370 9330
PFSA <50 2 880

Total 5370 17700

2.1.4 Sample Preparation and Preservation Scheme

Environmental samples were subdivided into aliquots according to the analytical workflow and
time-point design (T0-T3). All aliquots were prepared in sterile falcon tubes and preserved for
downstream analyses, including microbiological, molecular, and chemical investigations.

Table 6. Sample allocation and storage scheme for downstream analysis.

Analysis TO T1 T2 T3 Spare Total
Falcons
Total Count l6g 16g 16g 16g 3 Spare 7
DNA Extraction 5¢g 5¢g 5g 5¢g 3 Spare 7
Enrichment 16g 16g 16g l6g 3 Spare 7
Culture
Biolog 16g l6g l6g 16g 3 Spare 7
28
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Each soil or sediment aliquot was weighed according to the quantities reported above prior to
preservation. For each environmental matrix, two independent biological replicates were
processed throughout the study (Soil A and Soil B; Sed A and Sed B).

2.1.5 Cryopreservation Procedure

Sterile glycerol was used as a cryoprotectant at a final concentration of 28.25% (w/v). After
glycerol addition, each Falcon tube was vortexed for 2 minutes to ensure homogeneous mixing.
Samples were then stored at —4°C overnight to allow gradual equilibration, followed by long-term
preservation at —80°C until further analyses.

2.1.6 PFASs Used in this Study

Two per- and polyfluoroalkyl substances (PFASs) were selected for use in the experimental assays,
including tridecafluorohexane-1-sulfonic acid (PFHxS) and perfluorooctanoic acid (PFOA). Both
compounds were obtained from Sigma-Aldrich with a stated purity of >97%. For stock
preparation, each PFAS was dissolved in dimethyl sulfoxide (DMSO; Sigma-Aldrich, USA) to
obtain concentrated stock solutions at 200,000 mg L. Stock solutions were sterilized by filtration
through 0.22 pm polyvinylidene fluoride (PVDF) membrane filters (StarLab, Germany). The
sterile PFAS stocks were subsequently diluted with the appropriate medium to achieve the desired
working concentrations for the different experimental setups.

A range of additional PFASs was used in defluorination experiments at Center for Biotechnology
and Fine Chemistry (CBQF), including fluoxetine, 8:2 fluorotelomer sulfonic acid (8:2 FTS),
perfluorooctane sulfonate (PFOS), GenX (HFPO dimer acid), 3-perfluoroheptyl propanoic acid
(7:3 FTCA), and nonafluoro-3,6-dioxaheptanoic acid (NFDHA).

2.1.7 Culture Media

The culture growth media, buffers, and solutions used throughout this study, along with their
compositions and concentrations, are summarized in Table 7.

Table 7. Culture growth media, buffers, and solutions used in this study, including composition and concentrations.

Medium / Solution Components Concentration
Tryptic Soy Broth (TSB) Tryptic soy broth 30gL™
Malt extract broth 20g L
Malt Yeast Extract (MYE) Yeast extract S5gL™

Rifampicin 10 mg L™
Biotin 2mg L
. . . Folic acid 2mgL™
Vitamin Solution (1000%) Riboflavin SmgL
Pyridoxine hydrochloride SmgL™
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Thiamine hydrochloride SmgL™
Cyanocobalamin 10 mg L™
Nicotinic acid 0.1 mg L™
p-Aminobenzoic acid SmgL™
Calcium pantothenate SmgL™
Lipoic acid S5mgL™
Nitrilotriacetic acid l.o6gL™!
MgSO4-H20 35gL?!
MnSO4+-H20 0.56 gL
NaCl 1.0gL™"
Fez(SO4)3 0.076 gL
. . CoS0s4-7H20 0.18gL™!
Wolfe Mineral Solution (100x) CaCL 2ILO 013gL
ZnSO04+-H20 0.11 gL
CuSO04-5H20 0.01 gL
AIK(SO4)2-12H-0 0.018 gL
HsBO:s 0.01 gL
Na:MoOs4-2H-0 0.04 g L
Na:HPOs 22gL?!
KH:PO4 0.8gL™!
.. . NH4NOs 3.0 g L!
Minimal Defined Medium (DM) Vitamin solution (1000x%) 1 mL L™
Wolfe mineral solution (100x) | 10 mL L™
Carbon source As required
NaOH 2gL!
EDTA-2H:0 12gL™?
FeSO4-7H20 2 g L
CaCl» 1 g L
. . Na2SOq 10 g L
Oligoelement Solution 715007150 040gL"
MnSOs4-4H-0 040 gL
CuSO04-5H20 0.10gL™!
Na:MoOs-2H-0 0.10gL™!
H>S0Os (conc) 0.50 mL L™
Na:HPO4.2H,O 267gL!
.. . KH2POs 1.40 g L
M‘“‘“(‘;ix)ed'“m MgSO..7H,0 020g L
(NHa4)2S04 0.50gL™!
Oligoelements Solution 10 mL
Tris base 242 gL
TAE buffer (50%) Acetic acid (glacial) 57.1mL L™
EDTA (disodium salt) 100 mL L
Total Ionic Strength NaCl 5844 gL

64



Adjustment Buffer NaCHsCOO 61.52gL!
(TISAB) NasCsHs07.2H20 0.59 g L
CH>COOH 1424 mL L
Physiological solution NaCl 9gL™"(0.9%)

All chemicals and culture media components were obtained from Sigma-Aldrich, USA, unless
otherwise indicated. Microbiological Agar (Sigma-Aldrich, USA) was supplied (15 g L") to TSB,
MYE, and DM to solidify the culture media. The above media, TAE buffer, and physiological
solutions were sterilized by autoclaving at 121 °C for 15 min under overpressure conditions. On
the other hand, Vitamin and Wolfe solutions were sterilized by filtration through 0.22 um
polyvinylidene fluoride (PVDF) membrane filters (StarLab, Germany).

2.2 Culture-Dependent Analysis

2.2.1 Total Count Protocol

Total microbial counts were determined for soil and sediment samples at four experimental time
points (TO, T1, T2, and T3). From each sample (SoilA, SoilB, SedA and SedB) 3.5g of soil was
collected, diluted 1:10 with sterile physiological solution (0.9 % w/v NaCl) and stirred for 1h to
promote detachment of microbial cells from the solid matrix. Following homogenization, serial
dilutions were prepared using the physiological solution.

For microbial enumeration, dilution ranges of 107 to 10° were plated for bacteria and 107! to 103
for fungi. The bacterial count was conducted in Tryptic Soy Agar (TSA) and the fungal count on
the Malt-Yeast Extract (MYE) agar. The experiment was conducted with two biological replicates
(A and B) of each matrix, and three technical replicates per sample. The plates were incubated at
27 °C for 5 days, and CFUs were counted.

2.2.2 Biolog EcoPlate™ Analysis

The analysis was performed at each time points (TO, T1, T2, and T3). A 2g sample of soil or
sediment was suspended in 18 mL of sterile physiological solution (0.9% w/v NaCl) in sterile glass
vials (1:10 dilution). The samples were then shaken on a horizontal shaker at 150 rpm for 30
minutes to allow microbial detachment. Subsequently, 12 mL of the homogenized suspension were
transferred into sterile 15 mL screw-cap centrifuge tubes and centrifuged at 800 x g for 2 minutes
to remove coarse particles. From the resulting supernatant, 2 mL were collected and further diluted
1:10 by adding 18 mL of sterile physiological solution in sterile 50 mL Falcon tubes.

A volume of 120 pL of the final dilution was inoculated into each well of the Biolog EcoPlates™.
The plates were incubated at 27 °C in the dark under shaking conditions (110 rpm) for five days.
The plates were read after 48 hours at both 700 nm and 590 nm by using BioTek Synergy Neo2
Hybrid Multimode Reade (Agilent; Santa Clara, US). Multivariate statistical analyses, including
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cluster analysis based on the UPGMA algorithm, were performed using PAST software (version
4.03). The analysis was performed in duplicate.

2.3 Culture-Independent Analyses (DNA Metabarcoding)

2.3.1 DNA Extraction from Environmental Samples

AtTO, T1, T2, and T3 DNA was extracted in duplicate from each sample (SoilA, SoilB, SedA, and
SedB) using the DNeasy PowerSoil Pro Kit® (Qiagen, Hilden, Germany), following the
manufacturer’s instructions. DNA was eluted in 75 uL of Buffer C6.DNA concentration was
initially estimated by measuring absorbance at 260 nm, and purity was assessed using the
A260/A280 and A260/A230 ratios with a NanoDrop™ One/One C UV—Vis spectrophotometer
(Thermo Fisher Scientific, USA). In parallel, DNA concentration was also quantified using a
Qubit™ 4 Fluorometer (Invitrogen, USA).

2.3.2 Metagenomic Analysis

The hypervariable V5-V6 region of the 16S rRNA gene and the internal transcribed spacer (ITS)
region were selected as targets for bacterial and fungal community profiling, respectively. PCR
amplification was performed in-house, and subsequent sequencing was carried out by the
University of Milano-Bicocca, which provided the resulting sequence of files for analysis. The

further amplicon sequencing and bioinformatic processing were performed as described in
(Gandolfi et al., 2024).

2.3.2.1 Protocol for Sample Preparation for Illumina 16S Bacterial Sequencing
(MiSeq 2x300)

The 16S rRNA gene fragment selected for amplification includes the hypervariable regions V5
and V6 and is flanked by the primers 783F and 1027R. The primers were tagged with a barcode
so that several amplicons from different samples could be combined in a single sequencing library.
In particular, three different barcodes were chosen for the forward primer, and one barcode for the
reverse primer, resulting in nine different combinations.

Primers

The primers used in this study were as follows:

ill4 _1B_783F TCGTCGGCAGCGTCAGATGTGTATAAGAGACAGAGCAGCCAGGATTAGATACCC
ill4 3B 783F TCGTCGGCAGCGTCAGATGTGTATAAGAGACAGAGAGAGCAGGATTAGATACCC
ill4 4B 783F TCGTCGGCAGCGTCAGATGTGTATAAGAGACAGAGATGCCAGGATTAGATACCC
ill4_10B_1027R GTCTCGTGGGCTCGGAGATGTGTATAAGAGACAGATGCAGCGACRRCCATGCANCACCT

The part marked in black is the gene-specific primer sequence; the part marked in red is the
barcode, which is primer-specific, and the part marked in blue is the I[llumina adapter sequence, as
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supplied by the sequencing company. The expected size of the fragment including barcodes and
adapters is 361 bp.

PCR Program

PCR amplification was performed using the following thermal cycling conditions for bacterial 16S
rRNA gene amplification:

e Initial denaturation at 94 °C for 4 minutes

e 27 cycles of:
o Denaturation at 94 °C for 50 seconds
o Annealing at 50 °C for 30 seconds
o Extension at 72 °C for 30 seconds

e Final extension at 72 °C for 5 minutes

e Holdat 10 °C

2.3.2.2 Protocol for Sample Preparation for [llumina ITS Sequencing (MiSeq 2x300)

The region targeted for amplification is the ITS region. Primers were barcoded, enabling the
pooling of several amplicons (corresponding to different samples) in a single sequencing library.
Three barcodes were chosen for the forward primer, and three for the reverse primer, leading to
nine combinations.

Primers

ill4_1B_ITS1F TCGTCGGCAGCGTCAGATGTGTATAAGAGACAGAGCAGCCTTGGTCATTTAGAGGAAGTAA
ill4 3B_ITS1F TCGTCGGCAGCGTCAGATGTGTATAAGAGACAGAGAGAGCTTGGTCATTTAGAGGAAGTAA
ill4 4B ITSI1F TCGTCGGCAGCGTCAGATGTGTATAAGAGACAGAGATGCCTTGGTCATTTAGAGGAAGTAA
ill4_13B_ITS2R | GTCTCGTGGGCTCGGAGATGTGTATAAGAGACAGCAGATGGCTGCGTTCTTCATCGATGC

The black region of the primer corresponds to the specific primer for the gene, the red region
corresponds to the barcode (specific to each primer) and the blue region corresponds to the
Illumina adapter sequence (as provided by the sequencing company). The amplified fragment,
including the barcodes and adapters, is expected to be 383 bp long.

PCR Program

PCR amplification for fungal ITS regions was performed using the following thermal cycling
conditions:

e Initial denaturation at 94 °C for 5 minutes

e 30 cycles of:
o Denaturation at 94 °C for 40 seconds
o Annealing at 50 °C for 30 seconds
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o Extension at 72 °C for 1 minute
e Final extension at 72 °C for 5 minutes
e Holdat 10 °C

PCR Reaction

For each sample (both in case of ITS and 16S sequencing), two PCR reactions of 50 puL each were
prepared. Each PCR reaction mixture consisted of the following components:

e GoTaq® Reaction Buffer 1x (stock 5%, Promega): 10 uL.
e Forward primer, 10 pM (final concentration 1 uM): 5 pL
e Reverse primer, 10 uM (final concentration 1 uM): 5 puL
e dNTPs (0.4 mM; stock 10 mM, Promega): 2 puL

e Taq DNA Polymerase (SU/ uL): 0.2 uL

e Template DNA: 2 uLb

e Nuclease-free water: 25.8 uL

At the end of the amplification, two PCR reactions corresponding to the same sample were pooled.
The amplified products were then separated by electrophoresis on a 1-1.5% agarose gel, excised,
and purified using the Wizard SV Gel and PCR Clean-Up System (Promega), with a final elution
volume of 50 pL of water. DNA concentration in the eluate was quantified using a Qubit
fluorometer with the dsSDNA Broad Range reagent, measuring 2 pL per sample. For sequencing, a
minimum DNA concentration of 2 ng/uL per sample was required

2.3.3 Biodiversity Indexes and Multivariate Analysis

Alpha diversity reflects both the richness and evenness of microbial communities, whereas beta
diversity provides information on compositional dissimilarities and temporal or spatial shifts in
community structure. Alpha diversity was assessed using the Shannon diversity index (H'),
calculated with PAST software (version 4.03).

Furthermore, cluster analysis was conducted using the Unweighted Pair Group Method with
Arithmetic Mean (UPGMA) algorithm, with the Bray-Curtis method and 1000 bootstraps. This
analysis was used to cluster samples based on overall community similarity and to assess sample
relationships with respect to time and matrix type. The use of alpha diversity indices and beta
diversity analyses together allowed a holistic assessment of community diversity, structure, and
temporal dynamics.

2.4 Enrichment Cultures

At each time point (TO, T1, T2, and T3), enrichment cultures were performed on microbiome
associated with each sample (SedA, SedB, SoilA, and SoilB) using PFOA as the sole carbon and
energy source. The enrichment procedure was performed in technical duplicate for each sample.
Briefly, 5 g of soil or sediment was incubated in 45 mL of DM minimal medium (Frassinetti et al.,
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1998) supplemented with 300 mg L' PFOA and incubated for 7 days at 27 °C under shaking
conditions (200 rpm).

Following this initial enrichment phase, a 1:10 refreshment was carried out by transferring 5 mL
of the enrichment culture into 45 mL of fresh DM minimal medium supplemented with 600 mg
L' PFOA, resulting in a final volume of 50 mL per flask. This refreshed enrichment was incubated
for an additional 7 days at 27 °C under shaking conditions (200 rpm). At the end of the incubation,
the enrichment cultures containing new microbiomes were subdivided for downstream analysis as
follows:

e New Microbiome preservation:

To preserve the enriched microbiomes, an aliquot of 15 mL of enrichment culture was transferred
into a 50 mL Falcon tube and mixed with 5 mL of glycerol (30%, v/v) followed by storage at —80
°C.

e Total microbial count and isolation:

An aliquot of 1 mL of enrichment culture was collected at the end of enrichment culture in a 2 mL
Eppendorf tube for total microbial enumeration, followed by microbial isolation.

e DNA extraction:

A 29 mL aliquot of enrichment culture was transferred to a 50 mL Falcon tube; 10 mL was
immediately subjected to DNA extraction, and the remaining pellet was preserved at —80 °C for
future analysis.

2.5 PCR-DGGE Analysis

At each time point (T0-T3), DNA was extracted in duplicate from enrichment cultures using the
DNeasy® PowerWater® Pro Kit (Qiagen, Hilden, Germany), following the manufacturer’s
instructions. DNA concentration and purity were assessed using a NanoDrop™ One/One° UV—Vis
spectrophotometer (Thermo Scientific, USA) by measuring absorbance at 260 nm and evaluating
the A260/A280 and A260/A230 ratios.

To assess community composition at different time points during the enrichment procedure, the
V3 region of the 16S rRNA gene was amplified for Denaturing Gradient Gel Electrophoresis
(DGGE) analysis. The amplification of the V3 hypervariable region of the 16S rRNA gene, the
DGGE electrophoresis, and further statistical analysis were performed as described in (Andreolli
et al., 2021).

PCR Reaction (V3 Amplification)

PCR reactions were performed in a final volume of 25 pL per replicate, with three technical
replicates pooled to obtain a total volume of 75 pL for each sample. A negative control, containing
all reaction components except template DNA, was included in each PCR run.
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Each PCR reaction mixture consisted of the following components:

e DNA (20-50 ng): 1 uLL

e GoTaq® Reaction Buffer 1x (stock 5%, Promega): 5 uLL

e Primer P1-GC (Muyzer et al., 1993), 0.4 mM; stock 10 mM): 1 uL
e Primer P2 (Muyzer et al., 1993), 0.4 mM; stock 10 mM): 1 puL

e dNTPs (0.4 mM; stock 10 mM, Promega): 1 pL

o MgCL (1.5 mM; stock 25 mM): 1.5 uL

e Taq DNA polymerase (1 U; stock 5 U uL™!, Promega): 0.2 pL.

e Sterile distilled water: 14.3 puL

PCR Program

e 94°C for 5 min

e 30cycles:
o Denaturation: 94°C, 1 min
o Annealing: 55°C, 1 min
o Extension: 72°C, 40 sec

e Final extension: 72°C, 5 min
Amplicons were verified on a 2% agarose gel, using 100 bp ladder.
DGGE Conditions

DGGE was performed using an 8% (w/v) polyacrylamide gel containing a 30-60% linear
denaturing gradient of formamide and urea (100% denaturant defined as 7 M urea and 40% (v/v)
formamide). Electrophoresis was carried out using a Bio-Rad DCode™ DGGE system with 1x
TAE buffer as the running buffer. The electrophoretic run consisted of an initial equilibration step
at 60 °C for 10 min at 100 mV, followed by separation at 50 mV for 16 h under constant
temperature conditions.

Reagents and Concentrations used for DGGE Gel Preparation

Gels were degassed for 2 h prior to polymerization. Polymerization was initiated by the addition
of TEMED (Sigma Aldrich, 55 pL) and APS (0.1 g/mL; 88 puL). For DGGE analysis, 75 puL of
PCR product (about 2000 ng) per sample was loaded.

Table 8. Reagents and concentrations used for DGGE gel preparation.

Reagent 30% Denaturant Solution | 60% Denaturant Solution
Acrylamide 3.6 mL 3.6 mL
50x TAE buffer 360 uL 360 uL
Formamide (40%) 2.16 g 432¢g
Urea (7 M) 227¢g 454 ¢
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Deionized water Up to 18 mL Up to 18 mL

Image Acquisition and Data Analysis

Following electrophoresis, DGGE gels were stained for 30 min in 1x TAE buffer supplemented
with 12.5 uL DNA ClearSight™ dye (BIOATLAS). Gel images were acquired using a FireReader
Max imaging system (UVITEC). Digital images were imported into UVISoft UVIBandMap
software (UVISoft UVIBandMap) for band pattern analysis. Lanes and corresponding band
positions were manually identified. The presence/absence of bands was used to determine the
similarity of samples, which are represented by building a dendrogram using the unweighted pair
group method with arithmetic mean (UPGMA).

2.6 Total Microbial Count from Enrichment Cultures

Total microbial enumeration of enrichment cultures (TO, T1, T2, and T3) for all samples (Soil A,
Soil B, Sed A, and Sed B). Each biological replicate was further analyzed in duplicate (technical
replicates). Colony-forming units (CFUs) were determined following serial dilution and plating as
described in Section 2.2.1.

2.6.1 Isolation and Identification of Microbial Strains

Microbial isolation was performed by direct isolation procedure following the same method as
described in Section 2.6. Plates were incubated at 27 °C for 5 days. After incubation, well-isolated
and morphologically distinct colonies were selected and transferred onto fresh media. Selected
colonies were sub-cultured through three consecutive transfers on the corresponding media to
obtain pure cultures.

2.6.1.1 DNA Extraction from Bacterial Liquid Cultures

Pure bacterial isolates were cultivated in 5 mL of Tryptic Soy Broth (TSB) at 27 °C with shaking
at 150 rpm for 48 h. Subsequently, 1 mL aliquots of each culture were harvested by centrifugation
at 13,000 x g for 3 min. Genomic DNA was extracted using the Wizard® SV Genomic DNA
Purification Kit (Promega, Italy). Extracted DNA was stored at —20 °C until further analysis.

2.6.1.2 BOX-PCR

The technique was applied to group microbial isolates based on their genetic profiles. PCR
amplifications were performed using the AIR BOX primer (5'-
CTACGGCAAGGCGACGCTGACG-3") (Andreolli et al., 2011; Van Belkum et al., 1996).

PCR Reaction
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PCR reactions were performed in a final volume of 25 uL for each sample. A negative control,
containing all reaction components except template DNA, was included in each PCR run.

Each PCR reaction mixture consisted of the following components:

e DNA (20-50 ng): 2 uLL

e GoTaq® Reaction Buffer 1x (stock 5%, Promega): 5 pL

e Primer AIR BOX (10 pmol/pL: final amount 20 pmol per reaction): 2.0 pL
e dNTPs (0.4 mM; stock 10 mM, Promega): 1 uL

e Taq DNA polymerase (1 U; stock 5 U uL™!, Promega): 0.2 uL

e Sterile distilled water: 14.8 uLb

Prepared master mix by counting the number of strains and one as negative control to be sure that
there is no contamination at each amplification run.

Thermocycler Program Conditions

e Initial denaturation: 94 °C for 5 min
e 35 Cycles:
o Denaturation: 94 °C for 1 min
o Annealing: 52 °C for 1 min
o Extension: 72 °C for 2 min

Agarose Gel Electrophoresis

PCR products were analyzed by electrophoresis on a 1.5% (w/v) agarose gel, run at 100 V for 30
min. A 1 kb DNA ladder and a 100 bp DNA ladder were used as molecular size markers to verify
amplicon size.

2.6.1.3 16S rRNA Gene Amplification for Bacterial Isolates
PCR Amplification

Amplification of the 16S rRNA gene was performed using universal bacterial primers fD1 (5'-
AGAGTTTGATCCTGGCTCAG-3") and rP2 (5-ACGGCTACCTTGTTACGACTT-3"), as
previously described (Weisburg et al., 1991).

PCR Reaction
The composition of the PCR reaction mixture (final volume 25 pL) was as follows:

e Genomic DNA (10-50 ng): 2.0 uLL
e GoTaq® Reaction Buffer (5%, Promega; final concentration 1x): 5.0 uLL
e Primer fD1 (10 pmol/uL; final amount 10 pmol per reaction): 1.0 pL
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e Primer rP2 (10 pmol/uL; final amount 10 pmol per reaction): 1.0 uL

e dNTPs (10 mM, Promega; final concentration 0.4 mM): 1.0 uL

e Taq DNA polymerase (5 U/uL, Promega; final amount 1 U per reaction): 0.2 uL
e Nuclease-free water: 14.8 puL

Thermocycler Program Conditions
PCR amplification was carried out in a thermocycler under the following conditions:

e Initial denaturation: 94 °C for 4 min

e 30 cycles of:
o Denaturation: 94 °C for 45 sec
o Annealing: 42 °C for 45 sec
o Extension: 72 °C for 2 min

e Final extension: 72 °C for 5 min

2.6.2.4 ITS Amplification for Fungal Isolates

Fungal isolates were grown on agar plates for 5 days at 27 °C. A small amount of mycelium was
directly collected from the colony using a sterile tip and suspended in 20 pL of sterile double
distilled H20. The suspension was used directly as template DNA for PCR amplification.

For isolates that did not show amplification in the first PCR attempt, a slightly larger amount of
mycelium was suspended in 100 pL sterile double distilled H2O and subjected to thermal lysis at
90 °C for 10 min. After thermal degradation, 20 pL of the lysate was used as template DNA for
PCR.

PCR Amplification

Amplification of the fungal ITS rRNA region was performed using universal primers ITS1 (5'-
TCCGTAGGTGAACCTGCGG-3") and ITS4 (5-TCCTCCGCTTATTGATATGC-3") as
described by White et al. (1990).

PCR Reaction
The composition of the PCR reaction mixture (final volume 50 uL) was as follows:

e Nuclease-free water (ddH20): 3.6 uL

e GoTaq® Reaction Buffer (5%, Promega; final concentration 1x): 10.0 uL
e dNTPs (10 mM, Promega; final concentration 0.4 mM): 2.0 pL

e ITSI primer (10 pmol/uL; final amount 10 pmol per reaction): 2.0 pL

73



e ITS4 primer (10 pmol/uL; final amount 10 pmol per reaction): 2.0 puL

e BSA (2 pg/uL; final amount 20 pg per reaction): 10.0 uL.

o Taq DNA polymerase (5 U/uL, Promega; final amount 1 U per reaction): 0.4 uL
e Mycelium suspension (template DNA): 20.0 uL

Thermocycler Program Conditions
PCR amplification was carried out in a thermocycler under the following conditions:

e Initial denaturation: 95 °C for 6 min
e 35 cycles of:
o Denaturation: 94 °C for 1 min
o Annealing: 50 °C for 1 min
o Extension: 72 °C for 1 min
e Final extension: 72 °C for 6 min

2.6.1.4 Agarose Gel Electrophoresis, DNA Purification

PCR products corresponding to the 16S rRNA gene (bacteria) and the ITS region (fungi) were
analyzed on 1% (w/v) agarose gels. A 100 bp DNA ladder was used as a molecular size marker to
verify amplicon size. Bands of the expected size were excised under UV illumination and purified
using the QIAEX II Gel Extraction Kit (QIAGEN, Milan, Italy), according to the manufacturer’s
instructions.

2.6.1.5 Preliminary Taxonomic Identification

Purified PCR products were submitted for Sanger sequencing to Eurofins Genomics (Germany).
The obtained sequences, representing partial 16S rRNA gene fragments for bacterial isolates and
ITS regions for fungal isolates, were manually inspected to remove low-quality regions, trimmed,
and assembled using BioEdit Sequence Alignment Editor (version 7.7.1) (Hall, 1999).

Taxonomic identification was performed by comparing the processed sequences against reference
databases using the BLASTN algorithm (Altschul et al., 1990), implemented in the NCBI database.
Sequence similarity searches were used to assign taxonomic identity based on the closest matching
sequences. For bacterial isolates, identification was further refined using the EzBioCloud database,
with searches restricted to type strains to improve taxonomic accuracy (Yoon et al., 2017).

Sequence-based identification was based on partial gene regions, which are widely used as
molecular markers for taxonomic classification, although they may not always allow
discrimination at the species level.

2.6.2 Cryopreservation of Pure Strains

Pure microbial cultures were stored at -80 °C for further studies. To ensure purity and physiological
stability, each isolate was streaked three times on Tryptic Soy Agar (TSA). Single colonies were
inoculated into liquid medium and incubated for 48 h under appropriate growth conditions.
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Following incubation, cell suspensions were mixed with sterile glycerol to obtain a final glycerol
concentration of 25% (v/v). Briefly, 800 pL of culture was combined with 800 pL of a sterile 50%
(v/v) glycerol solution in cryovials, mixed thoroughly, and immediately stored at —80 °C until
further use.

2.7 PFAS-Related Functional Experiments
2.7.1 Evaluation of PFAS Abatement Using Enriched Microbiomes

2.7.1.1 Preparation of Inocula from Enrichment Cultures

For each biological microbiome replica (Soil A, Soil B, Sed A and Sed B) two technical enriched
cultures replica were previously performed (for instance, Soil Aa and Soil Ab). Here, for each
enrichment-derived microbiome, the two technical replicates were combined to obtain a
representative inoculum. Specifically, 2.5 mL from each technical replicate was pooled in a sterile
tube, resulting in a total volume of 5 mL per sample. The third replica was obtained, merging the
combined technical replica. Therefore, the experiment was performed in a triplicate. From each
pooled sample, 1 mL was used to inoculate new batch cultures for PFAS biodegradation
experiments. The experimental design included microbiomes derived from original soil (Soil) and
sediment (Sed) samples at different storage times (T0 and T3).

2.7.1.2 Batch Culture Setup for PFAS Biodegradation

Batch experiments were conducted using Minimal Defined (DM) medium supplemented with
perfluorooctanoic acid (PFOA) and perfluorohexane sulfonic acid (PFHxS) at final concentrations
of 25 mg L' and 10 mg L', respectively. For each microbiome condition, glass vials were prepared
containing 24 mL of PFAS-amended DM medium, to which 1 mL of the corresponding inoculum
was added, resulting in a final working volume of 25 mL per vial.

Control Experiments
To distinguish biotic from abiotic PFAS removal, the following controls were included:

o Initial chemical controls (T0): PFAS-amended DM medium analyzed prior to inoculation
to determine initial PFAS concentrations.
e Abiotic controls (Abiot): PFAS-amended DM medium without microbial inoculum

Incubation Conditions
All batch cultures were incubated under the following conditions:

o Temperature: 27 °C
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e Agitation: 200 rpm
e Incubation time: 87 days

2.7.1.3 PFAS Quantification

PFAS concentrations were quantified according to ASTM D7979-20. Samples were collected at
the beginning of the experiment (T0) and after 87 days of incubation (T87). PFAS removal was
evaluated by comparing PFOA and PFHxXS concentrations at TO and T87 in biotic cultures
inoculated with enrichment-derived microbiomes from soil and sediment stored for 0 (T0) and 12
months (T3), as well as in abiotic controls.

2.7.1.4 Microbial Enumeration

Prior to PFAS addition, 100 pL of each pooled inoculum was withdrawn for total bacterial count
analysis to determine the initial microbial load of each enriched microbiome. Additional samples
were collected after 1, 7, 10, and 13 weeks from the beginning of the experiment. Total bacterial
counts were determined by plating appropriate serial dilutions on tryptic soy agar (TSA). Plates
were incubated at 27 °C for 5 days, after which colony-forming units (CFU) were counted and
expressed as CFU per millilitre of culture.

2.8 PFAS-Exposed Isolates Screening and Selection for Defluorination
Assays

Strains isolated and identified from enrichment cultures at all time points (T0, T1, T2, and T3)
were screened to identify PFAS-tolerant candidates suitable for subsequent experiments evaluating
PFAS biotransformation potential. Briefly, isolates were pre-cultured in 5 mL Tryptic Soy Broth
(TSB) at 27 °C and 150 rpm for 72 h to obtain sufficient biomass. Cells were harvested by
centrifugation (5,000 rpm, 10 min) and washed twice with sterile physiological solution (0.9%
NaCl) to remove residual nutrients prior to exposure assays.

To test growth and tolerance, two strategies were used:

o General viability control: first streaking was directly applied from a TSB culture onto
tryptic soy agar (TSA) plates to assess growth and provide a reference control.

o PFAS exposure screening: the washed cell suspension was spotted and streaked onto (i)
DM agar amended with perfluorooctanoic acid (PFOA; 50 mg L) and tested as the sole
carbon source and (ii) DM agar control plates

To assess the stability and reproducibility of PFOA tolerance, the colonies growing on DM agar
with PFOA were streaked repeatedly on the same medium. A second streaking was carried out
from colonies grown after the first exposure, and a third streak from colonies grown after the
second exposure. This enabled us to confirm the stable growth in the presence of PFOA, rather
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than the result of residual nutrients and/or physiological adaptation. Only isolates exhibiting
consistent growth on DM agar plates containing PFOA (50 mg L") and successive streaking steps
were used for PFAS biotransformation and defluorination experiments.

2.9 Experiments with PFAS

Isolates showing stable growth and tolerance in the presence of perfluorooctanoic acid (PFOA)
during the enrichment and screening steps were selected for further test. These PFAS-exposed
isolates were further tested for their ability to bio transform and de-fluorinate organic compounds
in biotransformation and defluorination assays, respectively. All these experiments were
performed in the Environmental Biotechnology and Resources Research Group at CBQF - Centre
for Biotechnology and Fine Chemistry at Universidade Catolica Portuguesa, Escola Superior de
Biotecnologia (ESB-UCP), Porto, Portugal, under controlled laboratory conditions.

2.9.1 General experimental Conditions

Unless otherwise stated, all experiments were conducted in sealed glass vials containing 75 mL of
minimal medium (MM). Biotic assays were inoculated to an initial ODsoo-equivalent value of 0.05,
adjusted according to culture type. Cultures were incubated at 25 °C with shaking at 130 rpm.
Target compounds were added at a final concentration of 10 mg L. Sampling schedules varied
depending on the experimental design and are detailed below.

2.9.2 Fluoxetine Biotransformation and Defluorination Experiments

Fluoxetine (FLX) biotransformation experiments were performed first to evaluate the ability of
selected fungal and bacterial isolates to transform a fluorinated pharmaceutical compound and to
assess associated defluorination activity.

Cultures were prepared in 75 mL of minimal medium (MM) and inoculated to an initial ODsoo-
equivalent value of 0.05. Fluoxetine was added at a final concentration of 10 mg L', Experiments
were conducted for 28 days at 25 °C under shaking at 130 rpm.

Three nutritional conditions were tested:

(1) FLX as the sole added compound,

(i) FLX with D-glucose added at the start of the experiment (0.5 g L™"), and
(i11) FLX with D-glucose supplied weekly at 0.5 g L.

At defined time points, 3 mL samples were withdrawn and centrifuged. The clarified supernatant
was used for fluoxetine quantification by HPLC and for fluoride ion (F~) analysis to monitor
defluorination.
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2.9.3 PFOA Defluorination Experiments with Single Isolates

Following FLX experiments, defluorination assays were conducted using perfluorooctanoic acid
(PFOA). Triplicate experiments with fungal and bacterial isolates, as well as abiotic controls, were
included.

Perfluorooctanoic acid (PFOA) was supplied from a stock solution to reach a final concentration
of 10 mg L', Cultures were incubated under typical conditions, and samples were collected weekly
for 84 days (TO to T12). Culture samples (2 mL) were taken and processed only for fluoride ion
(F") determination.

2.9.4 PFOA Defluorination Experiments with a Mixed Microbial Consortium

Besides single-isolate tests, a consortium of microorganisms was tested for co-defluorination.
Bacterial and fungal isolates were cultivated separately, and the appropriate volumes were directly
added to the experimental vials so that the group inoculum amounted to an initial ODsoo-equivalent
of 0.05. The consortium was comprised of both fungi and bacteria. The final concentration of
PFOA was 10 mg L!. The experiment was performed for 61 days with sampling at TO-T3 (Day 0-
61). 2 mL samples were withdrawn for fluoride (F~) analysis.

PFOA was added at a final concentration of 10 mg L™!. The experiment was conducted for 61 days,
with sampling at TO—T3 (Day 0-61). At each time point, 2 mL of culture were collected for fluoride
ion (F") analysis.

2.9.5 Experiments with other PFAS Compounds

Lastly, other PFAS were tested using the same protocol as described above to determine
defluorination potential across structurally diverse PFAS. The compounds tested were 8§:2
fluorotelomer sulfonic acid (8:2 FTS), perfluorooctane sulfonate (PFOS), GenX (HFPO dimer
acid), 3-perfluoroheptyl propanoic acid (7:3 FTCA), and nonafluoro-3,6-dioxaheptanoic acid
(NFDHA).

Each isolate was incubated separately with each PFAS compound at a final concentration of 10
mg L. Experiments were conducted for 47 days with sampling at TO-T4 (Day 0-47). Samples
were processed for fluoride ion (F~) analysis to assess defluorination activity.

2.10 Analytical Methods
2.10.1 Fluoride Analysis

For fluoride analysis, biomass was removed from culture samples by centrifugation at 14 000 rpm
for 10 min at 4 °C. The concentration of fluoride ions in the clarified supernatant was determined
using an ion-selective combination electrode (model Orion 96-09, Thermo Electron Corporation,
Beverly, MA). The electrode was calibrated using sodium fluoride (NaF) standards ranging from
0.005 to 5 mM prepared in minimal medium (MM).
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The ionic strength of both standards and samples was adjusted by the addition of a total ionic
strength adjustment buffer (TISAB). The TISAB solution consisted of NaCl (1 M), CH;COOH
(0.25 M), CHsCOONa (0.75 M), and sodium citrate (0.002 M). Fluoride ion measurements were
performed for all experimental conditions, including fluoxetine (FLX), PFOA, and other PFAS
experiments. Fluoride analysis was carried out following the analytical approach described in the

study on enantioselective biodegradation of fluoxetine by Labrys portucalensis F11 (Moreira et
al., 2014).

2.10.1.1 Calibration Curve for Fluoride lon Analysis

A calibration curve for fluoride ion quantification was prepared using sodium fluoride (NaF)
standards. A 50 mM NaF stock solution was prepared by dissolving 0.105 g of NaF in 50 mL of
distilled water. The solution was mixed for approximately 30 min until complete dissolution and
stored as the primary stock solution. Working fluoride standards were prepared by serial dilution
of the stock solution to obtain concentrations in the range 0.0025-5 mM (50, 5, 1, 0.5, 0.1, 0.01,
0.005, and 0.0025 mM), using minimal medium as the diluent to match the sample matrix.

Table 9. Concentrations of fluoride standards prepared from NaF for calibration.

[F] (M) logl0 | E (mV)
0.0025/-2.60206 172.1
0.005/-2.30103 158.4
0.01]-2 140
0.05]-1.30103 100.3
0.1}-1 85
0.5(-0.30103 45.7

110 284
510.69897 -8.9

Fluoride measurements were performed using a fluoride ion-selective electrode. For each standard,
I mL of NaF solution was mixed with 1 mL of total ionic strength adjustment buffer (TISAB)
prior to measurement. Electrode potential (mV) was measured for each concentration once it was
stabilized. A calibration curve was drawn with fluoride concentration (mM) against the electrode
potential (mV). The curve was applied for the quantification of fluoride ions released in fluoxetine,
PFOA and other PFAS experiments.

79



Fluoride Standard Calibration Curve (NaF)
y =-55.384x +29.159
200 R2=0.9998
..
@ 150
...
- 100
.
9.
0 o
3 2.5 2 15 -1 0.5 0 0.5 1
-50

Figure 8. Fluoride standard calibration curve generated using sodium fluoride (NaF) standards.

2.10.2 HPLC Analysis of Fluoxetine

High-performance liquid chromatography (HPLC) was used to quantify fluoxetine (FLX)
concentrations in culture samples. Prior to HPLC analysis, the biomass was removed by
centrifuging the sample at 14 000 rpm for 10 min; the supernatant was used for analysis. HPLC
analyses were conducted with Waters €2695 Separations Module and Waters 2998 photodiode
array (PDA) detector. The separation was conducted under gradient elution with acidified water
(trifluoroacetic acid, TFA; pH 2.14) used as mobile phase A and acetonitrile used as mobile phase
B. The flow rate was 1.0 mL min™'. The gradient program comprised an increase in the percentage
of the organic solvent (mobile phase B) that reduced the retention of fluoxetine on the stationary
phase and, consequently, earlier elution of the analyte with better peak shape.

Fluoxetine concentrations were determined by means of external calibration curves, which were
prepared by analysis of FLX standards of varying concentrations under the same chromatographic
conditions.

2.10.2.1 Fluoxetine calibration and quantification by HPLC

The concentration of fluoxetine (FLX) was determined by external calibration. A stock solution of
10,000 mg L' FLX was prepared and diluted to prepare a series of standards. Standard calibration
solutions ranging from 0.1-200 mg L' (0.1, 0.2, 0.5, 1, 2, 5, 10, 20 and 200 mg L") were prepared
and processed under identical conditions as the samples.
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Table 10. Fluoxetine standard concentrations and corresponding HPLC peak responses are used for calibration.

FLX Area
(mg/L) | (nV+sec)
0.5 3792
1 13542
5 148875
10| 310460
201 591207

Standards were injected into the HPLC, and peak areas measured. The linear response observed
over the concentration range allowed the construction of a calibration curve by plotting FLX
concentration (mg L) versus peak area. A high correlation coefficient (R> = 0.998) between
concentration and the detector response indicated that the method was fit for quantitative analysis.
The detected concentrations of fluoxetine in culture samples were determined by extrapolating the
calibration curve and corrected for dilution factors, where applicable.

Fluoxetine Standard-HPLC

y=230381x - 8208.2
R2=0.9983

600000 e

700000
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400000
300000 ‘”!f“”“
200000 ‘
100000
0 .o"'.‘

0 5 10 15 20 25
-100000

Figure 9. HPLC-based calibration curve showing the relationship between fluoxetine concentration and peak
response.
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Chapter 3. Results

The effect of cryogenic preservation on microbiomes from two PFAS-impacted matrices, soil, and
sediment, was evaluated using both culture-dependent and culture-independent approaches.
Enrichment cultures derived from preserved microbiomes were established to assess responses to
PFAS exposure and to perform microbial isolation. Additionally, the potential application of
preserved microbiomes for bioremediation was investigated.

3.1 Effect of Cryogenic Preservation on Microbial Communities

Culture-based total bacterial counts were employed to assess the effects of cryopreservation on the
culturability of microorganisms over time (TO, T1, T2, and T3). In soil samples (Figure 10-A),
bacterial counts were constant from TO to T2, with no significant difference between these time
points (all in significance group A). This time range maintained bacterial concentrations in the
range of 10° - 107 CFU g!. However, a significant decrease was recorded after 12 months (T3,
group B) with bacterial counts dropping to 10° CFU g™!, suggesting a loss of culturable bacterial
abundance during long-term storage.

In sediment (Figure 10-B), bacterial counts showed a significant time-dependent decline during
preservation. Bacterial counts were comparable at T1 and T2 and were lowest at T3 in comparison
with TO. The TO value (group AB) was intermediate and statistically comparable to T1 and T2,
indicating that initial storage did not have a significant influence on culturable bacterial abundance.
While less marked than in soil, the bacterial count in sediment samples also showed a significant
decline between TO and T3, confirming the effect of storage on culturable bacteria.
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Figure 10. Bacterial total counts performed in Soil (4) and Sediment (B) samples at TO, T1, T2 and T3. Error bars
show the standard deviation. Mean values marked by the same letter are not significantly different at P < 0.05.

Total fungal counts were evaluated to determine the impact of cryopreservation on culturable
fungal communities in soil and sediment (Figure 11). In the soil (Figure 11-A), counts were
relatively stable and ranged between 10* and 10° CFU g !. T1 and T2 belonged to group AB and
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were not significantly different from TO (A) or T3 (B). However, significant variation in fungal
cell counts was detected between TO and T3, suggesting a slight decrease in culturable fungal
populations after 12 months of storage.

In sediments (Figure 11-B), fungal cell counts remained unchanged throughout the preservation
period. There were no significant differences between time points (all in group A) and fungal cell
concentrations remained in the range of 10%-10° CFU g™'. This finding indicates successful
maintenance of culturable fungal communities in sediment.

A AB AB B A A A A
T0 ! 7 T3 i Li! 2 T3

Time Points Time Points

Figure 11. Fungal total counts performed in Soil (4) and Sed (B) samples at T0, T1, T2 and T3. Error bars show the
standard deviation. Mean values marked by the same letter are not significantly different at P < 0.05.
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Overall, soil samples exhibited a significant reduction in both bacterial and fungal counts after 12
months of preservation, with bacterial populations being more markedly affected. In sediment
samples, bacterial concentrations showed a significant decrease between TO and T3, whereas
fungal populations remained stable throughout the entire experimentation period.

3.2 Assessment of Microbial Metabolic Activity

Microbial metabolic activity was assessed at four time points (TO, T1, T2, and T3) using Biolog
EcoPlates™ to characterize functional change in the communities. The resulting heatmap reflects
changes in substrate utilization patterns over time, which reflect changes in microbial metabolic
potential (Figure 12).

Overall, the Biolog EcoPlate results showed that there was higher initial metabolic activity in soil
compared with the sediment. However, in soil, the ability to utilize diverse carbon sources such as
Tween80, beta Methyl-D-Glucoside, N-Acetyl-D-Glucosamine, and Glucose-1-Phosphate
dropped dramatically by T3 indicating loss of specific metabolic functions. In comparison, the
sediment communities showed a more gradual decrease in substrate use, with progressive declines
between time points (e.g. D-Malic Acid at T1, B-Methyl-D-Glucoside, y-Aminobutyric Acid and
L-Asparagine at T2, and D-Galactonic Acid y-lactone at T3).
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D-Galacturonic Acid
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Figure 12. The metabolic activities of the microbiome were evaluated by Biolog EcoPlaltesTM. Blank cells show no
activity. Color intensity indicates activity magnitude, with dark representing high activity and light representing less
activity. Each data point represents the mean signal intensity of an individual sample after ODsop— OD750 and
background subtractions. A sample is considered positive only when the difference between the sample and its
corresponding control exceeds 0.15

The Principal Component Analysis (PCA) (Figure 13-A) revealed a clear discrimination between
soil and sediment samples, suggesting the different substrate utilization pattern between the two
environmental matrices. The soil samples revealed a significant shift along Component 1 for T3,
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indicating a major shift in metabolic profiles during preservation, especially between T2 and T3.
In contrast, sediment samples grouped more closely together reflecting greater functional stability
and a gradual decline in metabolic activity.
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Figure 13. Statistical analysis of Biolog EcoPlates™ results displayed in Fig. 3. (A) Principal Component Analysis
and (B) Beta diversity analysis conducted using the UPGMA clustering algorithm with the Bray—Curtis method and
1,000 bootstrap.

The dendrogram (Figure 13-B) also supports these observations identifying two main clusters,
separating soil from sediment communities. Moreover, the data support that the most significant
metabolic change in soil takes place between T2 and T3. On the other hand, although less
pronounced, the main change in sediment occurs from T1 to T2. Collectively, these findings
indicate that while both matrices experienced reductions in metabolic potential during long-term
preservation.

3.3 Microbial Community Composition

Total genomic DNA was extracted from soil and sediment samples collected at four time points
(TO, T1, T2, and T3). Extractions were performed in duplicate for each sample type (SedA, SedB,
SoilA, and SoilB), and the results are reported in Table 11. The DNA was eluted in 75 pL of bufter
C6 (DNeasy PowerSoil Pro kit®).

Table 11. Qualitative and quantitative analysis of total DNA extracted from Soil and Sediment samples at T0, T1, T2,
and T3. The 260/280 and 260/230 ratios (NANODROP) were used to assess DNA purity, whereas DNA concentration
(ng/ul and pg/g) was quantified using the QUBIT. Only QUBIT values were used for downstream molecular analysis.

Samples 260/280 | 260/230 | DNA (ng/pL) DNA (ng/g)
Al | 131 0.99 173

TO-Sed . A2 1.33 L1 93.2 14.78 + 4.86
Bl | 131 1.68 111
SedB 183 1.13 87.2
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Al ] 19 0.88 167
T1-Sed - A2 1.89 .84 163 22.17+2.57
Bl | 19 2 173
SedB T 1 1.65 207
Al | 193 0.83 139
T2-Sed P [ e 107 14 17.79 + 2.44
Bl | 1.92 1.01 154
SedB T o 1.02 119
Al | 191 0.83 220
T3-Sed B N I 1.07 243 30.25+2.18
Bl | 192 1.01 260
SedB T 103 1.02 257
_ Al | 132 0.23 35.6
TO0-Soil - A2 193 041 20.6 3.23+0.88
_ Bl | 1.88 0.1 25.6
SoilB T 208 0.1 21.4
_ Al | 185 0.54 33.9
T1-Soil - A2 1Y 041 47.5 4.61+1.23
, Bl | 186 | 0.14 24.9
SoilB 5 T 19 0.65 419
Al | 185 0.29 16.4
SoilA
T2-Soil A2 | 196 1.48 218 3.61 +1.45
Bl | 197 | 0.77 41
SoilB
B2 | 194 | 0.5 37.4
_ Al | 189 | 029 154
T3-Soil I [Aa | i 1.48 i 7.40 + 3.80
, Bl | 191 0.77 67.6
SoilB T 101 0.15 87.3

DNA extraction results revealed substantially higher DNA yields in sediment samples
(approximately 15-30 pg g™') compared to soil samples (approximately 3—7.5 ug g™).

Microbial community composition was characterized through DNA barcoding analysis targeting
both bacterial and fungal populations. The relative abundances in sediment and soil samples are
presented in Figure 14. Alpha diversity was assessed using the Shannon index (Table 12), while
beta diversity patterns are illustrated in Figure 15.

The Shannon index integrates two key components of diversity:

e species richness, representing the number of taxa detected, and
e species evenness, describing the relative distribution of abundances within the community.

86



This index is widely applied in microbial ecology to characterize complex environmental

communities and to detect changes in community structure over time (Magurran, 2004).

Table 12. Shannon-index values analyzed at 10, T1, T2, and T3. The bacterial population was assessed at both class and family

levels, while the fungal population was evaluated at the class level.

Sample Bacteria Fungi
Class Family Class
TO-Sed 2.34+0.05 3.28 £0.061 0.89 +0.004
T1-Sed 2.31+0.112 3.28+0.013 1.04 +0.088
T2-Sed 2.41+0.0318 3.43+£0.090 1.1£0.039
T3-Sed 2.13+0.349 2.9+0.54 0.99 £ 0.050
TO0-Soil 2.22+£0.109 3.47+0.110 1.22+£0.137
T1-Soil 2.08£0.127 333+0.11 1.28 £0.058
T2-Soil 2.21+0.166 337+0.13 1.46+0.014
T3-Soil 1.94 £ 0.365 3.32+£0.231 1.27 £0.095

The Shannon index revealed no substantial differences in microbial (bacterial and fungal)
biodiversity, although a slight reduction in bacterial diversity was observed in both soil and
sediment at T3.

3.3.1 Microbiome Metagenomic Profiling

Microbial community composition was characterized through DNA barcoding analysis targeting
both bacterial and fungal populations. The relative abundances in sediment and soil samples are
presented in Figure 14. The fungal community was dominated by the class Sordariomycetes,
accounting for 34-39% of sequences in sediment and 17-30% in soil samples, respectively. Further,
sediment samples had a relatively high proportion of Dothideomycetes (~7-13.3%) while soil
samples were dominated by Tremellomycetes (~4.5-11%) and Eurotiomycetes (~3-6%). In both
soil and sediment samples, the bacterial community was dominated by Actinobacteria (~6.5-
25%),  Betaproteobacteria  (~5.5-20%),  Gammaproteobacteria  (~3.5-11.5%) and
Alphaproteobacteria (~10-20.5%).

Interestingly, Bacilli and Thermoleophilia had a higher relative abundance in soil (~1-7% and
~14.5-19%) than in sediment (~1-2.3% and ~1.5-8%). In contrast, Cytophagia and were more
prevalent in sediment (~3-10%) than in soil (~2-3%). At the family level, sediment samples were
more abundant in Comamonadaceae (~3.5-5.5%) and Nitrospiraceae (~2.5-4.5%), while Soil
samples were characterized by higher relative abundances of Bacillaceae (~2.5-4.5%),
Micrococcaceae (~2.5-5.5%), and Oxalobacteraceae (~2-3.5%).
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Figure 14. Relative abundances of bacterial communities at the family (A) and class (B) levels, and fungal
communities at the class (C) level. Percentages represent the mean values obtained from two biological replicates.
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3.3.2 Temporal Dynamics of Microbial Diversity and Community Structure

Microbial diversity was evaluated by distinguishing between alpha diversity, which describes
diversity within individual samples, and beta diversity, which describes differences in community
composition among samples and across time points (Anderson et al., 2011; Author & Whittaker,
1960; Magurran, 2004).

Beta diversity was investigated using multivariate statistical approaches to compare microbial
community composition among samples enabled:

¢ identification of the main gradients driving sample separation, and
e comparison of microbial community dynamics across sampling times (T0-T3) and
between environmental matrices (soil and sediment) (Ramette, 2007).

The relative abundance of bacterial phyla across enrichment samples is presented in Figure 15 for
Sediment-derived microbiomes (A1) and Soil-derived microbiomes (A2). The heatmaps illustrate
variations in community composition across different preservation time points (T0-T3). The
bacterial communities from both matrices were dominated by Proteobacteria, Bacteroidota and
Actinobacteriota, which were consistently present in all samples, showing the presence of a mutual
core microbiome. Other phyla such as Campylobacterota, Cyanobacteria, and Deinococcota were
present in all samples, but with varying relative abundances. By contrast, minor phyla, including
Acidobacteriota, Gemmatimonadota, Verrucomicrobiota, and Nitrospirota exhibited greater
variability, likely reflecting differential tolerances to preservation and enrichment conditions.

Metabarcoding and clustering analyses showed that the overall community structure remained
largely preserved across TO-T3 in both soil and sediment microbiomes. No clear temporal
clustering of samples was observed, as samples from different time points and replicates were
intermixed, with no clear grouping observed.

Figure 15 also shows the relative abundance of fungal classes in enrichment samples derived from
Sediment (B1) and Soil (B2) microbiomes. In both matrices, fungal communities were dominated
by Agaricomycetes, Leotiomycetes and Pezizomycetes, which were present at high abundance in
all samples, suggesting the retention of a core fungal community structure following preservation.
Dothideomycetes and Eurotiomycetes were present in moderate abundance, whereas
Sordariomycetes and Tremellomycetes were generally less abundant and more variable. In both
Sed and Soil derived microbiomes (B1), class-level profiles were relatively uniform across TO—
T3, with only minor fluctuations in relative abundance. Like bacterial communities, the overall
fungal community structure was largely preserved over time, with no clear temporal clustering of
samples observed.
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Figure 15. Metabarcoding-based community composition across samples (T0-T3) without replicate averaging.
Bacterial phyla in sediment (A1) and soil (A2), (B1-B2) fungal classes in sediment (B1) and soil (B2). Heatmaps show
relative abundance (%), and dendrograms represent Bray—Curtis (UPGMA) clustering of individual samples.
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3.4 Temporal Variation in DNA Yield from Enrichment Cultures

Enrichment cultures were established using PFOA as the selective compound at a concentration of
300 mg L' to 600 mg L' in minimal defined medium. At each time point (T0, T1, T2, and T3),
DNA was extracted in duplicate from enrichment cultures derived from Soil A, Soil B, Sed A, and

Sed B. For each extraction, 10 mL of enrichment culture was processed, and DNA was eluted in
80 uL of Soultion EB (DNeasy PowerWater Pro kit®). DNA yield results are reported in Table 13.

Table 13. Qualitative and quantitative analysis of DNA extracted from enrichment cultures at different time points
(TO-T3). DNA purity was assessed using NanoDrop 260/280 and 260/230 absorbance ratios for each sample. DNA
concentration measured by NanoDrop is reported as ng uL™ for each replicate, while DNA yield quantified per culture

volume is expressed as ug mL™ and reported as mean + standard deviation for each time point.

Samples 260/280 260/230 DNA (ng/pL) | DNA (ng/mL)
Al 1.91 18 180.3
SedA 13 1.89 1.54 163.1
T0-Sed : : : 1.5134 + 0.4689
sean |_B! 1.15 1.30 2735
¢ B2 1.89 2.00 139.8
Al 1.79 0.29 322
SedA
1Sed A2 1.88 1.30 125.0 0.5886 + 0.3166
sean |_B! 1.83 1.02 56.5
B2 1.81 0.60 80.6
Al 1. 2.01 2
Sedr 89 0 66
2.Sed A2 1.96 2.00 113.4 0.8318 + 0.2139
sean | B! 1.93 222 128.8
¢ B2 1.90 1.87 107.5
Al 2.15 2.00 235.6
SedA =5 211 2.09 291.6
T3- : : : 1.8198 + 0.
3-Sed sean | B! 1.86 1.42 190.4 8198 +0.3806
B2 1.89 0.84 192.3
Al 1.88 0.93 788
SollA —5 1.90 1.28 1363
T0-Soil T o > e 0.5918 + 0.3657
0
) 1.90 1.58 331
soita LA 1.91 0.73 472
_ A2 1.75 0.40 217
T1-Soil 0.2884 + 0.1108
[ BI 173 1.15 267
SoilB
B2 1.62 0.56 486
soita LA 1.91 2.00 69.4
T2-Soil A2 1.84 1.91 46.0 0.4784 + 0.1543
ot [ BI 1.86 1.87 416 : .
SoilB
B2 1.89 212 822
, Al 2.09 0.71 622
T3-Soil SollA =5 2.26 0.53 129.7
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B1 1.88 0.84 29.9 0.5242 + (0.3588

SoilB 7 2.00 1.00 403

DNA concentrations showed variability among replicates and across time points for both soil- and
sediment-derived enrichment cultures. In comparison to soil enrichment cultures, sediment
enrichment cultures generally exhibited higher DNA yields. The DNA concentration in sediment
samples varied over time between 0.58 + 0.32 and 1.82 + 0.38 ug mL", with the highest
concentrations found at T3. DNA yields in all soil-derived enrichment cultures were lower, with a
range of 0.29 + 0.11 to 0.59 + 0.37 pg mL"!, with moderate variability over time of preservation.

Despite variability among individual replicates, DNA was successfully recovered from all samples
and time points, confirming suitability for downstream molecular analyses.

3.5 Comparative DGGE Profiling of Enriched Microbiomes

Following enrichment, changes in microbial community structure were assessed by PCR-DGGE
analysis of bacterial 16S rRNA gene fragments for both sediment and soil samples (Figure 16).

Both environmental matrices displayed complex and time-dependent banding profiles in DGGE
profiles. Several bands were observed at all the time points in sediment samples, which revealed
that there were bacterial populations that could survive under PFOA-selective conditions.
Although multiple bands were preserved during preservation time points (T0-T3), changes in band
intensity and the emergence of bands were noted, indicating changes in the community after
enrichment.

Significant temporal changes were observed in soil samples. The variations between replicate
samples (A and B) were low and showed good reproducibility of the DGGE patterns. In general,
the PCR-DGGE analysis showed dynamic time-dependent changes in the composition of the
microbial communities that occurred in both soil and sediment microbiomes.
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Figure 16. DGGE electrophoresis gels obtained from T0, T1, T2 and T3 of Sediment (4) and Soil (B) samples.

3.5.1 UPGMA Cluster Analysis of DGGE Profiles

The dendrograms constructed based on the UPGMA clustering algorithm depict the similarity
relationships between the DGGE profiles of the enriched sediment (A1) and soil (B1) microbiomes
at various time points (T0-T3) (Figure 17). Presence of bands were used to cluster and indices of
similarity are represented in terms of percentage of similarity.

In the case of samples of sediment (A1), the replicate profiles (A and B) at the same time points
were clustered close to each other. T1 and T2 samples were more similar, whereas TO and T3 were
further divided into two distinct clusters, indicating that community structure changed
progressively during the enrichment with PFOA. In the case of soil samples (B1), there was a
simlar temporal separation. The earliest enrichment stages (TO) were concentrated in a single
cluster, whereas T1 and T2 samples were included into distinct branches with lower similarity
indices. Eventually, T3 formed a separated unique cluster. The clustering of replicates at each time
point verified consistency in duplicate enrichments.
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Figure 17. Dendrograms based on PCR-DGGE profiles showing similarity relationships among enriched microbial
communities from sediment (Al) and soil (Bl) samples collected at different time points (T0-T3). Replicate
enrichments (A and B) are shown for each time point. Dendrogram with homology coefficient %: 0.0 (UPGMA)

Overall, approximately 35% and 25% similarity were observed between TO and T1/T2 clusters in
sediment and soil samples, respectively. Moreover, similarity between TO and T3 decreased to
about 20% in sediment and 5% in soil. These clustering patterns reveal time-dependent structuring
of microbial communities in both sediment and soil enrichment cultures, with soil microbiomes
exhibiting greater divergence across enrichment stages than sediment microbiomes.

3.6 Total Microbial Count from Enrichment Cultures

Both for bacterial and fungal total count for each environmental matrix, analyses were conducted
at the end of the enrichment culture in two biological replicates (A and B). Each biological
replicate was further analyzed in duplicate as technical replicates. Total viable bacterial counts
were monitored in both soil and sediment samples at each enrichment time (T0, T1, T2, and T3)
(Figure 18). In soil-derived samples (Figure 18-A), bacterial counts in enrichment culture
performed at TO showed about 107 CFU mL ", reaching values of approximately 10° CFU mL " at
T2.
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After that a decrease in bacterial count was observed at T3, which was comparable to TO0, indicating

sustained bacterial growth under enrichment conditions. In sediment-derived samples (Figure 18-

B), enrichment cultures at TO and T1 showed approximately same total count values, around 10’

CFU mL ", T2 showed higher counts approximately 108 CFU mL~,T3 showed a slight decrease in

counts. Overall, enrichment cultures at T2, consistently exhibited higher bacterial counts in both
10

soil and sediment-derived cultures.
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Figure 18. Total viable bacterial counts from enrichment cultures at different time points (T0-T13). A: soil-derived
enrichment cultures; B: sediment-derived enrichment cultures. Values represent mean + standard deviation.

Fungal total counts from enrichment cultures are presented in Figure 19. In soil-derived
enrichment cultures (Figure 19-A), fungal counts increased from approximately 10° CFU mL™ at
TO to an approximate number of around 10” CFU mL™" at T1, T2 and T3.

In sediment-derived samples (Figure 19-B), fungal counts were approximately 10° CFU mL™! in
enrichment cultures at TO and increased markedly at T1 to values close to 10¥ CFU mL"'. At T2,
counts that remained high near to 10® CFU mL™", followed by a moderate decrease at T3 to
approximately 107 CFU mL™".
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Figure 19. Total viable fungal counts from enrichment cultures at different time points (T0-T3). A: soil-derived
enrichment cultures; B: sediment-derived enrichment cultures. Values represent mean + standard deviation.

3.7 Microbial Isolates from Enrichment Cultures

Microbial isolation (both bacterial and fungal) was carried out using a direct isolation approach.
Enrichment cultures obtained at each time point (TO, T1, T2, and T3) were serially diluted and
spread onto appropriate solid media to allow colony development. Plates were incubated at 27 °C
for 5 days, after which well-isolated and morphologically distinct colonies were selected. These
colonies were transferred onto fresh media and sub-cultured through three successive streaking
steps to obtain pure cultures. The number of isolates obtained from soil and sediment enrichment
cultures at different time points is summarized in Tables 14 and 15.

Table 14. Number of bacterial isolates obtained from TSA plates following enrichment cultures at different time points.

Time point Soil Sediment
TO 19 15
Tl 18 19
T2 16 16
T3 18 17
Total 71 67
Total 138

Table 15. Number of fungal isolates obtained from MALT plates following enrichment cultures at different time points.

Time Point Soil Sediment
TO 7 6
T1 6 6
T2 7 7
T3 8 6
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Total 28 | 25
Total 53

3.7.1 Molecular Characterization of Isolated Strains

3.7.1.1 BOX-PCR Fingerprinting of the Isolated Strains

Genotypic diversity of culturable isolates was evaluated using BOX-PCR fingerprinting. Each
isolate was subjected to genomic DNA extraction; amplification products were separated using
agarose gel electrophoresis, and visual comparison of banding pattern was performed. Isolates with
the same BOX- PCR patterns were classified into one operational taxonomic unit (OTU),
regardless of the time of sampling.

Soil. BOX-PCR profiles from soil-derived isolates (LA/LB groups) resolved into 51 bacterial
OTUs, indicating substantial genotypic heterogeneity within the soil culturable fraction.

Sediment. BOX-PCR profiles from sediment-derived isolates (SA/SB groups) resolved into 55
bacterial OTUs, showing slightly higher genotypic richness compared to soil.

There were only two OTUs that overlapped between soil and sediment, (Table 16). Three isolates
(3T2SA, 4T2SB, and 6T2SA) were subsequently identified as fungal by ITS sequencing and were
excluded from the bacterial OTU dataset.

Table 16. Bacterial OTU richness by matrix based on BOX-PCR fingerprinting.

Matrix Number of OTUs
Soil 51
Sediment 55
OTUs shared between matrices 2
Total Bacterial OTUs 103

3.7.1.2 Taxonomic Identification by 16S rRNA Gene Sequencing

Following BOX-PCR genotyping, selected bacterial isolates were preliminarily identified by
partial 16S rRNA gene sequencing. The obtained sequences were quality-checked, trimmed, and
assembled using BioEdit Sequence Alignment Editor (version 7.7.1) (Hall, 1999) prior to analysis.
Taxonomic identification was performed using BLASTN searches against the NCBI database and
further refined using the EzBioCloud database with restriction to type strains.

Sequence-based identification was based on partial 16S rRNA gene regions, which are widely used
as molecular markers for taxonomic classification, although they may not always allow
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discrimination at the species level ((Altschul et al., 1990; Yoon et al., 2017). The length of the
sequences utilized for taxonomic identification was approximately 700-900 bp, consistent with
partial 16S rRNA gene sequencing.

These bacterial isolates are from enrichment cultures exposed to increasing PFOA concentrations
(300 mg L" for 7 days, followed by 600 mg L' for an additional 7 days). Soil A (LA) and Soil B
(LB) represent two biological replicates derived from the Lonigo site (L). T denotes recovery on
tryptic soy agar (TSA) plates, while TO-T3 indicate the respective enrichment time points (Table

17).

Table 17. Taxonomic identification of isolates recovered from soil enrichment cultures (LA and LB) following PFOA

exposure (300—600 mg L™). The table reports matrices of origin, isolate codes, closest type strain matches based on
16S rRNA gene sequencing, identity percentages, and phylogenetic affiliations.

Matrices Strain Taxon with the higher % similarity Identity % Phylogeny
1TOLA Achromobacter animicus LMG 266907 99.75 Betaproteobacteria
2TOLA Klebsiella aerogenes KCTC 21907 99.88 Gammaproteobacteria

Soil A 3TOLA Citrobacter portucalensis A60T 100 Gammaproteobacteria
TO 4TOLA Achromobacter aegrifaciens LMG 268527 99.87 Betaproteobacteria
5TOLA (6TOLA) Achromobacter agilis LMG 34117 99.88 Betaproteobacteria
7TOLA Achromobacter animicus LMG 26690 100 Betaproteobacteria
1TOLB (6TOLB, Pseudomonas plecoglossicida NBRC 1031627 100 Gammaproteobacteria
9TOLB, 12TOLB, Pseudomonas ceruminis BML-PP028T 100 Gammaproteobacteria
2T2LB 7T2LB)
2TOLB Stenotrophomonas  nitritireducens ~ DSM | 99.72 Gammaproteobacteria
. 125757
S‘?:) B I3ToLB Stenotrophomonas maliophilia MTCC 4347 | 99.88 Gammaproteobacteria
4TOLB Stenotrophomonas  nitritireducens ~ DSM | 95.97 Gammaproteobacteria
125757
7TOLB (11TOLB) Brevundimonas olei MJ157 100 Alphaproteobacteria
10TOLB Shinella zoogloeoides ATCC 19623 100 Alphaproteobacteria
1T1LA Pseudomonas hibiscicola ATCC 198677 100 Gammaproteobacteria
2T1LA(3TILA, Pseudomonas plecoglossicida NBRC 1031627 100 Gammaproteobacteria
. 4T1LA)
Soil A — -
T1 5T1LA Brucella cytisi ESCIT 100 Alphaproteobacteria
6T1LA Leclercia adecarboxylata NBRC 1025957 99.41 Gammaproteobacteria
7T1LA Silvania hatchlandensis H19S6T 99.46 Gammaproteobacteria
8TI1LA Citrobacter portucalensis A60T 99.25 Gammaproteobacteria
SOill B 1TILB Pseudomonas alloputida Kh7" 100 Gammaproteobacteria
T
2T1LB Achromobacter ruhlandii ATCC 157497 92.97 Betaproteobacteria
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3T1LB Pseudomonas plecoglossicida NBRC 1031627 | 100 Gammaproteobacteria
Pseudomonas ceruminis BML-PP028T 100 Gammaproteobacteria
4T1LB Stenotrophomonas indicatrix WS40T 100 Gammaproteobacteria
ST1LB Brucella daejeonensis MJ117 98.71 Alphaproteobacteria
6T1LB Stenotrophomonas ~ nitritireducens ~ DSM | 99.07 Gammaproteobacteria
125757
7T1LB (6T2LB) Pseudomonas urmiensis SWRI10T 99.25 Gammaproteobacteria
8TILB (9T1LB) Pseudomonas persica RUB6T 99.34 Gammaproteobacteria
10T1LB Brucella pseudogrignonensis CCUG 307177 99.23 Alphaproteobacteria
1T2LA Stenotrophomonas  nitritireducens ~ DSM | 99.62 Gammaproteobacteria
125757
2T2LA Microbacterium saccharophilum K-17 99.11 Actinomycetia
3T2LA (1T2LB) Flavobacterium humidisoli MMS21-Er5T 98.64 Flavobacteriia
S?;IZA 4T2LA Brucella cytisi ESC1T 100 Alphaproteobacteria
5T2LA Chryseobacterium cucumeris GSE0Q6T 99.75 Flavobacteriia
6T2LA (7T2LA) Shinella zoogloeoides ATCC 196237 100 Alphaproteobacteria
8T2LA Leclercia adecarboxylata NBRC 1025957 99.38 Gammaproteobacteria
3T2LB Brucella cytisi ESC1T 100 Alphaproteobacteria
4T2LB Flavobacterium humidisoli MMS21-Er5™ 97.68 Flavobacteriia
Soil B 5T2LB Escherichia hermannii CIP 1031767 99.5 Gammaproteobacteria
1 8T2LB Enterobacter kobei DSM 136457 100 Gammaproteobacteria
9T2LB Sphingobacterium thalpophilum DSM 117237 99.64 Sphingobacteriia
1T3LA Microbacterium sufflavum SSW1-477 100 Actinomycetia
2T3LA Microbacterium commune Rel® 99.75 Actinomycetia
3T3LA Agromyces chromiiresistens H3Y2-19a” 99.39 Actinomycetia
Soil A 4T3LA (5T3LA) Microbacterium saccharophilum K-17 99.2 Actinomycetia
b 6T3LA Microbacterium commune Rel™ 99.73 Actinomycetia
7T3LA Curtobacterium flaccumfaciens LMG 36457 100 Actinomycetia
8T3LA Prescottella equi DSM 203077 100 Actinomycetia
1T3LB Microbacterium sufflavum SSW1-477 100 Actinomycetia
2T3LB Sphingomonas montis DRJ-4T 100 Alphaproteobacteria
3T3LB Microbacterium sufflavum SSW1-477 100 Actinomycetia
4T3LB Alcaligenes ammonioxydans HO-1T 98.37 Betaproteobacteria
S?;;B 5T3LB Microbacterium sufflavum SSW1-477 99.86 Actinomycetia
6T3LB Brevundimonas intermedia ATCC 152627 99.75 Alphaproteobacteria
7T3LB Microbacterium paraoxydans NBRC 1030767 99.88 Actinomycetia
8T3LB Stenotrophomonas  nitritireducens ~ DSM | 99.62 Gammaproteobacteria
125757

Isolates were also obtained from sediment enrichment cultures under increasing PFOA
concentrations (300—-600 mg L"). Sediment A (SA) and Sediment B (SB) represent two biological
replicates derived from the sediment samples (S), with T indicating TSA recovery plates and TO—
T3 denoting enrichment time points (Table 18).
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Table 18. Taxonomic identification of isolates recovered from sediment enrichment cultures (SA and SB) following

PFOA exposure. The table reports enrichment time points (T0-T3), isolate codes, closest type strain matches based

on 16S rRNA gene sequencing, accession numbers, identity percentages, and phylogenetic affiliations.

Matrices Strain Taxon with the higher % similarity Identity % Phylogeny
1TOSA Klebsiella aerogenes KCTC 2190" 99.73 Gammaproteobacteria
2TO0SA Raoultella ornithinolytica JCM 6096" 99.37 Gammaproteobacteria
3TOSA Stenotrophomonas pictorum JCM 9942 * 100 Gammaproteobacteria

Sediment 4TOSA (5T0SA) Pseudomonas chlororaphis subsp. Aureofaciens | 100 Gammaproteobacteria

A NBRC 35217

To 6TOSA (7TOSA, | Stenotrophomonas maltophilia MTCC 4347 99.73 Gammaproteobacteria
8TOSA)
9TOSA (7T2SB) Pseudomonas monsensis PGSB 8459" 100 Gammaproteobacteria
1TOSB (2T0SB) Citrobacter portucalensis A60" 100 Gammaproteobacteria
3TOSB Leclercia adecarboxylata NBRC 102595T 99.88 Gammaproteobacteria

Sediment

B 4TO0SB Stenotrophomonas cyclobalanopsidis ™ 98.45 Gammaproteobacteria

To 5TOSB Stenotrophomonas indicatrix WS40" 99.37 Gammaproteobacteria
6TOSB Brucella cytisi ESC1T 100 Alphaproteobacteria

2T1SA Pseudomonas nitroreducens DSM 143997 98.66 Gammaproteobacteria

Pseudomonas nitritireducens WZBFD3-542" 98.66 Gammaproteobacteria

3T1SA Stenotrophomonas mori DY006" 99.15 Gammaproteobacteria

Sedi[;nent 4T1SA Stenotrophomonas acidaminiphila JCM 133107 99.47 Gammaproteobacteria

T1 5T1SA Pseudomonas nitroreducens DSM 14399" 99.76 Gammaproteobacteria
6T1SA Pseudomonas nitroreducens DSM 143997 99.53 Gammaproteobacteria
7T1SA (6T1SB) Raoultella ornithinolytica JCM 6096" 100 Gammaproteobacteria
2T1SB Klebsiella huaxiensis WCHKI1090001T 95.72 Gammaproteobacteria
3T1SB Pseudomonas nitroreducens DSM 143997 99.14 Gammaproteobacteria
4T1SB (11T1SB) Brucella cytisi ESC1T 100 Alphaproteobacteria

Sediment | 5T1SB Leclercia adecarboxylata NBRC 1025957 99.88 Gammaproteobacteria

,l]? 1 7T1SB Stenotrophomonas terrae DSM 189417 99.65 Gammaproteobacteria
8T1SB Pseudomonas nitroreducens DSM 143997 99.75 Gammaproteobacteria
9T1SB Glutamicibacter uratoxydans NBRC 155157 98.59 Actinomycetia
10T1SB Raoultella terrigena ATCC 332577 99.5 Gammaproteobacteria
1T2SA Klebsiella pneumoniae subsp. pneumoniae DSM | 99.74 Proteobacteria

301047
2T2SA Klebsiella variicola subsp. variicola DSM 159687 99.87 Proteobacteria

Se‘ﬁ:“*“‘ 4T2SA Brucella cytisi ESCIT 100 Alphaproteobacteria

T2 5T2SA Brucella cytisi ESC1T 100 Alphaproteobacteria
TT2SA Pectobacterium carotovorum NCPPB 3127 100 Gammaproteobacteria
8T2SA Brucella pseudogrignonensis CCUG 307177 98.83 Alphaproteobacteria
1T2SB (3T2SB) Klebsiella pneumoniae subsp. rhinoscleromatis | 99.75 Proteobacteria

ATCC 138847
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5T2SB Klebsiella pneumoniae subsp. rhinoscleromatis | 99.75 Proteobacteria
. ATCC 13884"
Sedl]lsnent 6T2SB Brucella cytisi ESC1T 100 Alphaproteobacteria
T2 8T2SB Microbacterium tenebrionis YMB-B2T 99.76 Actinomycetia
9T2SB Brevundimonas intermedia ATCC 152627 99.87 Alphaproteobacteria
1T3SA Brevundimonas diminuta ATCC 115687 99.88 Alphaproteobacteria
2T3SA Raoultella ornithinolytica JCM 6096 100 Gammaproteobacteria
3T3SA Rhodanobacter soli DCY45T 98.75 Gammaproteobacteria
4T3SA Stenotrophomonas nitritireducens DSM 125757 99.6 Gammaproteobacteria
Sed‘:‘e“t 5T3SA Sphingobacterium mizutaii NCTC 121497 99.76 Sphingobacteriia
T3 6T3SA Herbaspirillum huttiense subsp. huttiense ATCC | 99.86 Betaproteobacteria
146707
TT3SA Brucella pseudogrignonensis CCUG 307177 99.88 Alphaproteobacteria
Brucella thiophenivorans DSM 72167 98.88 Alphaproteobacteria
8T3SA Pusillimonas noertemannii DSM 10065T 99.88 Betaproteobacteria
1T3SB Klebsiella variicola subsp. tropica SB55317 100.00 Gammaproteobacteria
2T3SB Pseudomonas nitroreducens DSM 143997 99.77 Gammaproteobacteria
3T3SB Citrobacter portucalensis A60" 100 Gammaproteobacteria
Sediment
B 4T3SB Brevundimonas intermedia ATCC 152627 99.36 Alphaproteobacteria
T3 5T3SB Rhodococcoides fascians LMG 36237 99.63 Actinomycetia
6T3SB Brucella cytisi ESC1T 100 Alphaproteobacteria
8T3SB (7T3SB) Brevundimonas intermedia ATCC 152627 95.23 Alphaproteobacteria

The distribution of bacterial genera isolated from soil showed temporal variation across
enrichment time points (T0-T3). At TO, multiple genera were detected, with a relatively balanced
distribution among dominant taxa. At T1, with a clear predominance of Pseudomonas. At T2,
community composition shifted, showing a more even distribution among several genera,
including Flavobacterium, Brucella, and Chryseobacterium. At T3, Microbacterium became the
dominant genus, while other taxa were present in lower numbers (Figure 20).
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Distribution of Bacterial Genera Isolated from Soil
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Figure 20. Temporal variation in soil-derived bacterial genera during enrichment (T0O-T3).

Overall, the results indicate dynamic changes in the cultivable soil bacterial community during the
enrichment process, with shifts in dominant genera over time.

The bacterial genera isolated from sediment differs in terms of distribution across enrichment time
points (TO-T3). Several genera were detected at TO, with Stenotrophomonas and Pseudomonas
among the dominant taxa. At T1, there is a wider distribution of genera, including Pseudomonas,
Raoultella, and Brucella. At T3, there was more diversity, with multiple genera represented,
including Brevundimonas, Rhodanobacter, and some minor taxa (Figure 21). Overall, the
sediment-derived bacterial community exhibited temporal shifts during enrichment, with changes
in dominant genera across time points.
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Distribution of Bacterial Genera Isolated from Sediment
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Figure 21. Temporal variation in sediment-derived bacterial genera during enrichment (T0-T3).

The class-level composition of the cultivable bacterial isolates was analyzed across enrichment
time points (T0-T3) for both soil and sediment matrices. The distribution of major bacterial classes
altered over time, indicating changes in community structure during PFOA enrichment.
Differences were observed between matrices as well as between biological replicates, reflecting
selective pressures imposed during the enrichment process (Figure 22, 23).
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Figure 22. Class-level composition of bacterial isolates from sediment (both Sed A and Sed B) across enrichment time
points (TO-T3).
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Figure 23. Class-level composition of bacterial isolates from soil (both Soil A and Soil B) across enrichment time
points (TO-T3).

3.7.2 Taxonomic Identification by ITS Region Sequencing

A total of 53 fungal isolates were obtained from enrichment cultures on MALT agar plates at
different sampling time points (Table 18), including 28 isolates from soil samples and 25 from
sediment samples. However, not all isolates were subjected to molecular identification. Only
isolates displaying distinct and unique morphological characteristics were selected for molecular
identification through amplification and sequencing of the ITS region.

Using this approach, 20 isolates were identified, among these, three strains that were initially
isolated as bacterial isolates did not yield amplification with 16S rRNA gene primers but were
successfully amplified and sequenced using ITS primers, indicating that they belonged to fungal
taxa. Fungal isolates were identified by partial ITS region sequencing. The obtained sequences
were quality-checked and trimmed prior to analysis using BioEdit Sequence Alignment Editor
(version 7.7.1) (Hall, 1999).

Taxonomic identification was performed using BLASTN searches against the NCBI database to
determine the closest matching sequences and assign taxonomic affiliations (Altschul et al., 1990).
The length of the ITS sequences utilized for taxonomic identification was approximately 450-500
bp.

The identified fungal taxa were predominantly affiliated with genera such as Barnettozyma,
Trichosporon, Galactomyces, Candida, Geotrichum, Fusarium, and Cyberlindnera, indicating
their persistence across enrichment cultures. The list of isolates selected for ITS sequencing and
their identification results are reported in Table 19.
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Table 19. Taxonomic identification of selected fungal isolates recovered from PFAS-enriched soil and sediment
microbiomes using ITS sequencing. The table reports enrichment time points (T0-T3), isolate codes, closest type strain

matches based on ITS sequencing, accession numbers, and identity percentages.

Strain Taxon with the highest % similarity ?\ICI::::::: Ide;: ity
IMOLA | Geotrichum pandrosioniae OR122285.1 99.3
IMOSA | Barnettozyma californica KY101725.1 93.26
IMOSB | Candida tropicalis AF218992.1 99.24
IMILA | Barnettozyma californica KY101725.1 96
IMILB | Cyberlindnera saturnus NR_165971.1 99.31
2MILB | Trichosporon asahii FJ943429.1 99.41
2MI1SA | Trichosporon asahii MN809444.1 99.6
3MISA | Barnettozyma californica NR_138212.1 96.98
2M1SB Galactomyces pseudocandidum JN974291.1 91.45
3MISB | Trichosporon japonicum NR_073263.1 100
IM2LA | Barnettozyma californica NR 138212.1 96.98
3M2LA | Fusarium falciforme NR _164424.1 99.63
3M2LB | Fusarium hordeum MWO016578.1 99.41
2M2SA | Cyberlindnera saturnus NR _165971.1 99.76
3M3LA | Galactomyces pseudocandidum JN974291.1 97.95
2M3LB | Galactomyces pseudocandidum JN974291.1 98.23
3M3LB | Cutaneotrichosporon moniliiforme KY103024.1 99.56
3T2SA Geotrichum silvicola NR 077071.1 97.96
6T2SA Candida tropicalis KU729064.1 99.76
4T2SB Candida palmioleophila NR_077076.1 100

3.8 PFOA and PFHxS- Exposed Cultures

Batch cultures were established in Minimal Defined (DM) medium supplemented with PFOA and
PFHxS at final concentrations of 25 mg L' and 10 mg L, respectively, and incubated for 87 days
to evaluate the degradation potential of enriched new microbiomes.

3.8.1 Microbial Growth

To estimate the changes in microbial abundance, a total bacterial count was performed after PFOA
and PFHxS exposure. The first bacterial total count at experiment commence (0 days) was used to
validate the fact that a measurable and comparable microbial load could be found in all enrichment-
derived microbiomes. There were changes in bacterial load between 0 days and 87 days in soil
cultures. Total Bacterial counts expressed as logio CFU mL™, and the results showed a more
pronounced increase in soil T3 (Figure 24), suggesting that preserved microbiomes-maintained
viability.
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Figure 24.Total viable bacterial counts (logio CFU mL™) measured at 0 and 87 days in enrichment-derived
microbiomes from soil (Soil T0, Soil T3) and sediment (Sed T0, Sed T3). Error bars represent standard deviation of
replicate measurements.

In sediment samples, bacterial counts remained relatively stable between 0 days and 87 days, with
only minor variations in both TO and T3 conditions. This refers to a relatively stable microbial
population with limited changes in cultivable abundance over time. Overall, these results demonstrate
that microbial populations remained viable throughout the abatement experiment, with observable
growth in soil-derived microbiomes and stability in sediment-derived communities, reflecting
microbial adaptation.

3.8.2 Evaluation of PFOA and PFHxS Removal

Batch experiments were carried out in Minimal Defined (DM) medium amended with PFOA and
PFHxS, while appropriate controls were included to distinguish between biological and non-
biological effects. The TO condition (day 0) represents the initial PFAS concentrations measured
before microbial inoculation, whereas the abiotic control consisted of PFAS-amended medium
without microorganisms and was used to evaluate any non-biological changes during incubation.

After 87 days, the concentrations measured in all treatments (abiotic control, Soil T0, Sed T0, Soil
T3, and Sed T3) remained comparable to the initial values for both compounds. Statistical analysis
performed separately for each compound showed that all PFOA treatments were grouped within
the same significance category (A), while all PFHXS treatments were grouped within a single
category (B), indicating no statistically significant differences among treatments within each
dataset (Figure 25).
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Overall, these results indicate that neither microbial activity nor preservation time had a
measurable effect on PFAS concentrations, and no evidence of abatement or biotransformation of
PFOA or PFHxS was observed under the tested conditions.

PFOA Abatement PFHXS Abatement
35 35
30 30
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0Days 87 Days 0Days 87 Days
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Figure 25. Concentration of PFOA and PFHxS at the beginning of the experiment (T0, day 0) and after 87 days of
incubation in abiotic control and enrichment-derived microbiomes from soil (Soil T0, Soil T3) and sediment (Sed T0),
Sed T3). Statistical analysis (ANOVA) was performed separately for each compound; different letters indicate
significance groups within each compound. Error bars represent standard deviation of replicate measurements.

Although no significant abatement was observed, the slight variation in PFHxS concentrations
may indicate non-biological processes such as adsorption, requiring further analysis of the solid
(pellet) fraction.

3.9 Screening and Selection of PFOA-Exposed Isolates for Defluorination
Assays

DM agar supplemented with PFOA, 50 mg L, as the sole carbon source was used to screen
isolates obtained from enrichment cultures (TO-T3), and there were limited number of isolates that
were able to show growth. Initially, TSA plates were used to streak isolates to verify their viability,
following that isolates were streaked on nutrient-limited DM agar and DM agar amended with
PFOA. Out of the tested isolates, four bacterial strains were consistently showing growth on
PFOA-amended DM agar following successive streaking (second and third streaking):

e Brevundimonas sp. 9T2SB

o Chryseobacterium sp. ST2LA
e Sphingobacterium sp. 9T2LLB
e Sphingobacterium sp. ST3SA
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These isolates maintained stable colony morphology and sustained growth under selective
conditions, confirming true tolerance to PFOA rather than transient adaptation or growth supported
by residual nutrients.

Moreover, two fungal strains were identified.

e Geotrichum sp. 3T2SA
e Candida sp. 4T2SB

Figure 26. Representative streaking plates showing growth of selected isolates on DM agar supplemented with PFOA
(50 mg L™) under selective conditions. Visible colony formation across streaking sectors confirms sustained growth
after successive passages.

The confirmed bacterial isolates, together with the subsequently identified fungal strains, were
used in subsequent biotransformation experiments with fluoxetine, PFOA, and other PFAS
compounds to assess their transformation and defluorination potential. Fluoxetine (FLX)is a
fluorinated compound containing C—F bonds whose environmental occurrence, persistence, and
biodegradation have been well documented. Compared to highly recalcitrant PFAS, FLX
represents a more labile model substrate, allowing the investigation of microbial defluorination
processes under controlled conditions (Moreira, 2012).

3.10 Biotransformation and Defluorination Outcomes

3.10.1 Fluoxetine Biotransformation and Fluoride Release Patterns

The biotransformation assays using fluoxetine revealed that the tested isolates had a different
response under the three nutritional conditions. The alterations in the fluoxetine concentration and
fluoride release during the incubation (28 days) was monitored using HPLC and ion-selective
electrode analysis, respectively, to determine the degradation and the defluorination activity
associated with the degradation.
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1. Fluoxetine Biotransformation in the Absence of Additional Carbon Source

With fluoxetine as the only carbon and energy source, no significant growth of any of the tested
bacterial or fungal isolates was detected within the 28 days of incubation. ODsoo values were found
to be low and constant during the experiment, which implies that no active increase in biomass
was observed under such conditions. Fluoride ion analysis also revealed no measurable release of
fluoride at any sampling time. No changes in the fluoride concentration were observed in the
abiotic control, which validated that there was no chemical defluorination. HPLC analysis was not
conducted in this condition due to the absence of microbial growth and release of fluoride.
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Figure 27. Optical density (ODsoo) and fluoride ion (F") release profiles of six selected isolates incubated with
Sfluoxetine (10 mg L) as the sole added compound over 28 days. Experiments were performed in triplicate, including
an abiotic control. Values represent mean measurements + standard deviation.

To conclude, these findings point to the fact that fluoxetine, when provided as the only carbon and
energy source, was not able to support microbial activity or defluorination that could be measured

under the conditions of the experiment performed.
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11. Enhanced Fluoxetine Biotransformation with Initial Glucose Addition

With the addition of D-glucose (0.5 g L) at the start of the experiment along with fluoxetine, all
the tested isolates demonstrated a significant growth in ODsoo in the first week of the experiment,
which was a sign of active growth of biomass due to the presence of glucose. Optical density
increased the most at Day 7 in all strains with a gradual decrease towards Days 21 and 28. In some
of the flasks, fluoride ion concentrations rose in the first week indicating that there was a
defluorination activity in the co-metabolic conditions. Nevertheless, the overall level of fluoride
was quite low and even declined at later time points.
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Figure 28. Optical density (ODsoo) and fluoride ion (F°) release profiles of six selected isolates incubated with
fluoxetine (10 mg L) and D-glucose (0.5 g L™) added at the start of the experiment. Measurements were performed
over 28 days. Values represent mean + standard deviation of triplicate experiments.

It is important to note that the abiotic control also had surprisingly high ODsoo values, which shows
contamination during the experiment. Subculture of the cultures of all the experimental conditions
confirmed cross-contamination since similar colony morphologies were found in different
treatments.
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Three predominant strains were reproducibly obtained in several cultures: 4T2SB, 9T2SB and
ST3SA. These are strains that were then chosen to be experimented on.

.  Effect of Repeated Glucose Supplementation on Fluoxetine
Biotransformation and Fluoride Release

Under the condition where D-glucose (0.5 g L") was supplied weekly, all three selected strains
(Candida sp. 4T2SB, Brevundimonas sp. 9T2SB, and Sphingobacterium sp. ST3SA) showed a
progressive increase in ODsoo over the 28-day incubation period, indicating sustained microbial
growth supported by continuous carbon supplementation. Fluoride ion concentrations increased
steadily with time for all strains, suggesting active defluorination under these co-metabolic
conditions. The highest fluoride release was observed toward the final sampling points (Days 21—
28), consistent with ongoing transformation activity.
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Figure 29. Optical density (ODsoo) and fluoride ion (F°) release profiles of Candida sp. 4T2SB, Brevundimonas sp.
9T2SB, and Sphingobacterium sp. 5T3SA during incubation with fluoxetine (10 mg L) and weekly glucose
supplementation (0.5 g L™). Values represent mean + standard deviation of triplicate experiments.
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HPLC analysis revealed that there was a corresponding reduction in the fluoxetine level over time.
The three strains exhibited a significant FLX removal with the most pronounced reduction
observed for Brevundimonas sp. 9T2SB and Sphingobacterium sp. ST3SA, while Candida sp.
4T2SB also demonstrated clear but comparatively moderate degradation.
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Figure 30. HPLC-monitored fluoxetine concentration profiles during incubation with the three selected strains under
weekly glucose supplementation. Data represent mean =+ standard deviation of triplicates.

Abiotic control did not reveal any significant differences in the concentration of fluoxetine or
fluoride levels, proving that the effects observed were biologically mediated. Overall, weekly
glucose supplementation enhanced microbial growth, promoted fluoxetine degradation, and
supported measurable defluorination activity.

3.10.2 Defluorination Potential of Isolates and Microbial Consortia

1. Lack of PFOA Defluorination by Single Isolates

Assays of fungal and bacterial isolates incubated with 10 mg L' of PFOA did not show any
measurable release of fluoride ion (F-) during the experimental period. The concentration of
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fluoride was similar to the concentration in the abiotic controls at all sampling points, and this
revealed that C-F bond cleavage was not measurable under the experimental conditions.

Also, optical density (ODsoo) did not increase significantly compared to the starting values
indicating that PFOA was not able to maintain the growth of microbes as a carbon or energy source.
Taken together, these findings indicate that none of the single isolates tested could be shown to
de-fluorinate or transform based on growth during the experiment. Collectively, these results
indicate that PFOA did not support microbial growth as a sole carbon source, and no defluorination
or transformation was detected.

i1. Defluorination Response of the Microbial Consortium

Mixed microbial consortium experiments were established by cultivating bacterial and fungal
isolates separately and subsequently combining them to obtain a final inoculum with an initial
ODsoo equivalent of 0.05. Cultures were amended with PFOA (10 mg L") and incubated for 61
days (TO-T3). The consortium did not exhibit any significant change in optical density over time,
indicating that PFOA did not support microbial growth under the tested conditions. No release of
fluoride ions (F7) was detected throughout the incubation period, as fluoride concentrations
remained comparable to those observed in the abiotic controls.

ii1. Defluorination Potential Toward Additional PFAS Compounds

In cultures incubated in the presence of structurally diverse PFAS compounds (8:2 FTS, PFOS,
GenX, 7:3 FTCA, and NFDHA) at the final concentration of 10 mg L' during 47 days (T0-T4),
no significant increase in optical density (ODsoo) was found in any of the cultures. This means that
all the tested PFAS compounds were not able to support the growth of microbes in the conditions
imposed. Simultaneously, in all treatments, no release of fluoride ion (F -) was measured. The
fluoride contents were also similar to those of the abiotic controls during the incubation period,
and this proves that there was no observable cleavage of the C-F bond.

The consortium did not show any detectable defluorination activity with PFOA or other PFAS
compounds assessed. The absence of fluoride release, together with the lack of biomass increase,
indicates that these PFAS did not undergo biological conversion through defluorination and could
not be utilized as a sole source of carbon and energy under the experimental conditions.

115



Chapter 4 — Discussion

This study aimed to investigate microbial communities from PFAS-contaminated soil and
sediment in terms of preserving their viability, metabolic activity, response to PFOA enrichment,
and their potential for fluorinated compound transformations. Two aspects are considered in
discussing the results. The first addresses the conservation and maintenance of microbiome
viability, metabolic activity, and structure in environmentally contaminated matrices. The second
concerns the extent to which preserved microbiomes could be propagated and utilized for
bioremediation purposes by enrichment cultures, alongside the isolation of microorganisms as
microbial bioresources with potential tolerance or capacities to transform PFAS.

Both dimensions are important because preservation of environmental microbiomes is increasingly
recognized as a prerequisite for reproducible and comparable ecological research, biobanking and
future biotechnological applications on the other hand, protocols for long-term preservation of
complex contaminated matrices are still poorly established (Dully et al., 2021; Pavlovska et al.,
2021; Prakash et al., 2020). Moreover, no research on the revitalization and use of the microbiome
for PFAS abatement is currently available in the literature.

4.1 Preservation

Native microbiomes need to be preserved over long periods of time to retain their structural
integrity, viability, and functional capacity (Hornung et al., 2018; Potts et al., 2022), especially in
contaminated environments where distinct taxa and metabolic processes may be destroyed.
Moreover, an ideal maintenance of undamaged microbiomes assists in facilitating powerful
comparative research and tracing spatiotemporal variations in microbial communities, which can
be applied in future culturomics and OMICS investigations (Prakash et al., 2020). It is also vital
in the conservation of ecosystems, environmental health, and encourage bioeconomic applications
(Raupp et al., 2024; Stephens, 2023).

Although a wide range of preservation techniques has been developed for pure cultures, their direct
application to intact environmental microbiomes remains limited. This limitation is particularly
evident in complex polluted matrices, such as soils and sediments, where microbial communities
are highly diverse and structured through intricate ecological interactions. In such systems,
maintaining both community composition and functional potential during storage is challenging,
as preservation-induced stress can selectively affect sensitive taxa and disrupt metabolic
interactions (Kerckhof et al., 2014; Rubin et al., 2013; Song et al., 2016).

These challenges become even more pronounced in contaminated environments, where microbial
communities are often shaped by long-term exposure to pollutants and may include specialized or
low-abundance taxa with key ecological roles. In this context, standardized procedures for
preserving intact microbiomes are still lacking, particularly for matrices impacted by persistent
contaminants (Pavlovska et al., 2021; Prakash et al., 2020). Although some studies have explored

116



short-term preservation of sediment microbiomes, systematic investigations addressing long-term
storage effects on microbial viability, functional capacity, and community stability—particularly
in polluted environments—are still scarce (Dully et al., 2021).

PFAS-impacted environments introduce an additional level of complexity. The extreme
persistence and bio accumulative nature of PFAS can drive the selection of highly adapted
microbial assemblages, in which apparent structural stability does not necessarily correspond to
functional resilience or degradative potential (Cousins et al., 2020; Meegoda et al., 2020).
Therefore, preserving these microbiomes in a manner that maintains both viability and functional
traits represents a critical yet underexplored requirement for advancing PFAS bioremediation
research.

Based on current knowledge, this study represents the first in-depth investigation of long-term (12
months) cryopreservation of microbiomes in soil and sediment samples. The evaluation was
performed through an integrative approach combining culture-dependent and culture-independent
analyses, including microbial enumeration, functional profiling, and DNA-based community
characterization across multiple storage time points. There are no previous studies that have
systematically assessed the long-term effects of storage conditions on both the structural and
functional stability of microbial communities, nor their temporal dynamics in such complex
environmental matrices. Consequently, there are no directly comparable datasets in the literature
against which the present results can be evaluated.

4.1.1 Rationale for Cryogenic Preservation

Cryogenic storage at —80°C with glycerol 30% (w/v) was selected as a novel long-term (twelve
months) preservation approach for PFAS-impacted environmental matrices to minimize biological
and chemical transformations and to maximize the chance of recovering a representative
community after preservation. This approach agrees with other studies in the field of cryobiology,
where cryopreservation is recognized as one of the most effective approaches to reduce biological
change and retain community properties over time (Hubalek, 2003).

The choice of glycerol was due to its dual capacity in evading the damage of cells caused by ice
crystals in the process of freezing and also preventing the destruction of viability and the
community structure of the population of microbes (Senaratne & Jayaweera, 2024). Another
experimental study by Linde et al. (2018), indicated that glycerol was the best cryoprotectant for
Basidiomycetes at —80 °C. These findings justify using glycerol as a good cryoprotectant in
preserving complex environmental microbiomes when the viability and functionality stability have
to be maintained.

Though, the present results also show that preservation should not be interpreted as complete
biological stasis. It is possible that even under deep-freezing conditions, can still select on relative
survival because of differences in freezing and thawing sensitivity, osmotic response,
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cryoprotectant penetration, and possible matrix effects. This is notable as storage is frequently
regarded as conceptually neutral in studies on environmental microbiomes, but numerous reports
have shown that storage conditions can retain broad patterns of diversity while imparting other
changes in taxa or functional groups (Dully et al., 2021; Hubalek, 2003; Lauber et al., 2010).

This is what we observed. The temporal effects of preservation were not completely eliminated,
but it was still sufficient for recovery, cultivation, community profiling, and subsequent
enrichment. Therefore, the findings support previous studies that have used cryogenic preservation
as a practical and valuable approach to microbiomes from PFAS-affected media, while also
demonstrating that long-term storage can alter the composition of the preserved microbiome.

4.1.2 Total Cultivable Counts

Total cultivable counts gave information on the vitality of the microbiome during storage. The
observed stability for up to eight months (T2) shows that cryogenic preservation was effective in
preserving bacterial viability over intermediate time scales. This trend is consistent with Ramirez
et al. (2017) who reported that freeze-storage at —20 °C maintained the abundance of culturable
soil bacteria for up to eight months, whereas the viability of filamentous fungi and Bacillus
mycoides declined sharply beyond this period. The vitality decline at twelve months (T3) shows a
temporal effect of storage, likely due to cumulative damage on cell membranes.

Nonetheless, this loss should not be mistaken for a loss of viability, as cultivable counts represent
only the recoverable phenotype of the microbiome and may not reflect their true abundance. Under
prolonged storage conditions, a proportion of the microbiome may persist in a viable-but-non-
culturable state, reflecting a shift in physiological status rather than true cell death (Lee et al.,
2021). Although sediment samples also exhibited a significant reduction in bacterial abundance at
T3, the decrease was less pronounced than in soil, indicating that prolonged storage negatively
impacts bacterial viability across distinct environmental matrices.

This difference may be attributed to the intrinsic characteristics of the two matrices: soils are
typically more heterogeneous and aerated, exposing microorganisms to greater stress during
freezing and thawing, whereas sediments often provide more stable, fine-grained, and organic-rich
conditions that can offer physical protection to microbial cells. Consequently, microbial
communities in sediments may be less susceptible to preservation-induced damage compared to
those in soils. This differential response between soil and sediment further highlights a matrix-
dependent effect of preservation which relates to the ecological differences between these
environments (Fierer & Jackson, 2006; Lozupone & Knight, 2007; Zinger et al., 2011).

Taken together, these results show that cryogenic preservation impact the viability of
microorganisms, it shows a selective effect on the recoverable portion of the microbiome, and this
is dependent on the matrix from which the microorganisms were derived. A meta-analysis by
Fromin (2025) found that more than 75% of the studies found significant storage effects on culture
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independent microbial parameters, but few studies used culture-based techniques to determine
actual viability.

This underlines the scarcity of information on long-term survivability of microbes. Here, our
experiment is the combined assessment of bacterial and fungal viable counts (CFU g!) within the
microbiomes of soil and sediment in 12 months. Although it was found that culturable populations
were maintained over a period of up to eight months, a subsequent decrease suggests a time-
dependent loss of viability that cannot be detected by DNA-based methods, and this shows that
there is a critical time limit to long-term preservation.

4.1.3 Microbial Metabolic Activity

The Biolog® EcoPlates™ assay (Biolog Inc.), based on community-level physiological profiling
(CLPP), is one of the most commonly used methods to evaluate functional changes within
microbial communities and to describe patterns of metabolic activity and potential (Feigl et al.,
2017).

The results of this study showed that microbiome functional expression was impacted by
preservation, with soil-derived communities exhibiting higher initial metabolic activity followed
by a more pronounced decline between T2 and T3, which may be related to their high spatial
heterogeneity, variable organic inputs, and greater niche diversification. The later decrease implies
a loss in functional responsiveness, likely due to the selective reduction of metabolically active
populations (Garland & Mills, 1991; Preston-Matham et al., 2002). By comparison, sediment
microbiomes showed a steady decline during preservation period from TO to T3. These matrix-
specific patterns in relative functional responses are common, with substrate use patterns
frequently influenced by source environment and community structure (Garland, 1997).

The lower functional diversity observed in sediment systems compared to soils can be attributed
to their more selective and constrained environmental conditions. Sediments are often
characterized by reduced oxygen availability, limited nutrient diffusion, and relatively stable
physicochemical conditions, which favor specialized microbial populations with narrower
metabolic capabilities. In contrast, soils are typically more heterogeneous and resource-diverse
environments, supporting a broader range of microbial taxa and metabolic functions. This
interpretation is consistent with previous studies reporting reduced functional diversity in aquatic
and sediment-associated microbial communities compared to soil systems (Brandt et al., 2014).

This analysis of Biolog EcoPlate revealed functional patterns which are consistent with other
studies, including Lukhele & Msagati (2024), reported that in heavy metal-contaminated soils,
microbial communities have been reported to preserve metabolic activity toward key substrate
groups, including amino acids and organic acids, despite reduced overall functional diversity. In
the present study, a more detailed analysis of substrate utilization revealed that, in soil, the ability
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to metabolize diverse carbon sources such as Tween 80, -Methyl-D-Glucoside, N-Acetyl-D-
Glucosamine, and Glucose-1-Phosphate declined markedly by T3, indicating a loss of specific
metabolic functions. In contrast, sediment communities exhibited a more gradual reduction in
substrate use, with progressive declines observed across time points (e.g., D-Malic Acid at T1; -
Methyl-D-Glucoside, y-Aminobutyric Acid, and L-Asparagine at T2; and D-Galactonic Acid -
lactone at T3).

These findings align with studies on petroleum-contaminated soils have shown sustained
utilization of carbohydrates (e.g., simple sugars), amino acids, and carboxylic acids, reflecting the
persistence of core metabolic functions despite contamination stress (Garland & Mills, 1991;
Preston-Matham et al., 2002). In such systems, microbial communities often shift toward
populations capable of metabolizing both native soil organic matter and contaminant-derived
compounds, maintaining functional redundancy. Accordingly, although contamination can reduce
the extent of substrate utilization, the capacity to metabolize essential carbon sources is often
retained, supporting ecosystem-level functional stability. Even though there was a reduction in
substrate use after a period of long-term storage, the capacity to metabolize major carbon sources
including polysaccharides and amino acids was retained.

In the context of PFAS-impacted systems, while direct evidence on functional responses remains
limited, studies suggest that microbial communities exposed to persistent contaminants often
exhibit structural stability but constrained or specialized metabolic activity (Cousins et al., 2020;
Meegoda et al., 2020). The partial retention of metabolic capacity observed in this study may
therefore reflect the adaptive potential of microbiomes originating from polluted environments,
where long-term exposure to contaminants selects for metabolically flexible and stress-tolerant
populations. Overall, these findings indicate the strength of the polluted microbiomes and justify
the application of CLPP as a sensitive method to identify functional modifications in the conditions
of contamination and storage.

4.1.4 Microbial Community Composition

Metabarcoding allowed us to assess the stability of microbial community structure during long-
term cryogenic storage. The continued presence of dominant bacterial phyla (Proteobacteria,
Bacteroidota and Actinobacteriota) and fungal classes (Sordariomycetes, Agaricomycetes and
Leotiomycetes) are consistent with previous studies (Baldrian, 2017; Fierer, 2017). This taxonomic
structure aligns with previous studies on subarctic soils (Kim et al., 2014), and plain lake sediments
(W. Huang et al., 2017). Sediment samples were particularly enriched in Comamonadaceae and
Nitrospiraceae, whereas soil samples contained higher abundances of Bacillaceae,
Micrococcaceae, and Oxalobacteraceae, families commonly associated with microbial adaptation
to chemical stressors, including organic contaminants, heavy metals, and persistent pollutants, as
well as oxidative and nutrient stress conditions (Baldrian, 2017; Cousins et al., 2020; Fierer, 2017,
Lukhele & Msagati, 2024).
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The Shannon index revealed no substantial differences in microbial biodiversity across time points
from TO to T2, although a slight reduction in bacterial diversity was detected at T3 in both soil and
sediment. Evidence from Kushwaha et al. (2024) also indicated that microbial richness remained
largely stable for the first nine weeks of field-temperature storage, but that Shannon diversity
declined after three to six weeks, particularly among fungal taxa, underscoring differential
temporal sensitivity. Their stability over time suggests that a central community composition may
be preserved during storage in terms of culture-independent analysis, despite relative changes in
vitality.

Metabarcoding and clustering analyses indicated that the overall community structure was
preserved across all time points. No significant temporal clustering of samples was observed, as
replicates from different preservation time points did not group distinctly, suggesting that storage
duration did not substantially influence the core microbiome composition consistent with reports
that cryogenic preservation helps maintain community richness and evenness (Lauber et al., 2010).
Variations detected in beta diversity were therefore primarily attributable to shifts in relative
abundance rather than fundamental structural changes.

In contrast, differences between environmental matrices were more pronounced. Sediment-derived
communities exhibited greater homogeneity, characterized by tighter clustering and lower
dispersion, indicating higher structural stability (Zinger et al., 2011). Conversely, soil-derived
communities were more heterogeneous, showing higher dispersion. This pattern was consistent
for both bacterial and fungal communities, highlighting the dominant role of the environmental
matrix in shaping microbiome stability during preservation. Direct comparative evaluations of soil
and sediment microbiomes under standardized cryogenic conditions remain limited; our findings
therefore extend the current understanding of long-term microbial preservation beyond the
durations previously documented.

4.2 Propagation

4.2.1 Community Structure in Enriched Microbiomes

PFOA enrichment was performed to exert a distinct selection pressure, resulting in restructuring
of new microbial communities in soil and sediment microbiomes. These changes in community
structures are comparable with previous studies. Such shifts in community composition under
selective conditions are consistent with previous studies. For example, Muyzer et al. (1993) and
Muyzer & Smalla (1998) demonstrated, using DGGE-based approaches, that microbial
communities in environmental matrices such as marine systems and soils undergo clear structural
shifts in response to environmental gradients and selective pressures. Similarly, Wittebolle et al.
(2009) showed that in activated sludge systems exposed to chemical perturbations, the outcome of
community restructuring depends on the initial community composition, highlighting the role of
selection in shaping microbial assemblages.
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The retention of several bands over time suggests an abundant portion of the initial microbiome
was not affected by PFOA, and the shifts in band intensity and diversity reflect a change in
dominant populations from TO to T3. Sediment microbiomes showed a relatively high similarity
between initial (T0) and intermediate time points (T1 and T2), and progressive divergence at later
time points, suggesting progressive but relatively stable community restructuring. Similarly, the
soil microbiomes showed a similar pattern but stronger divergence between TO and T3. Microbial
total count in enrichment cultures at different time points suggests that a large proportion of the
preserved microbiome was alive and able to proliferate under PFOA selective pressure.

The abundance of microbes, especially in enrichment cultures at T1 and T2, is typical of the initial
proliferation of tolerant or adaptable microorganisms in enrichment cultures, while the levelling
slight decrease at T3 indicates an establishment of a more defined community structure under
sustained selective conditions (Atlas & Bartha, 1998; Madigan et al., 2018). Similar trend was
observed in fungal total counts, but sediment-derived enrichments comparatively showed more
abundance to soil which is likely due to the more suitable ecological properties of sediment
matrices (e.g. higher moisture and organic matter content) (Fierer et al., 2007). It is critical that
microbial proliferation under these conditions be regarded as an indicator of tolerance and
continued activity rather than PFAS degradation, as growth does not prove compound
transformation

4.3 Characterization of Isolates from Enrichment Cultures

The isolation of 103 bacterial operational taxonomic units (OTUs) from soil and sed enrichment
cultures suggests that exposure to PFOA resulted in the emergence of a diverse but structured
cultivable community. The consistent isolation of strains belonging to genera such as
Pseudomonas, Stenotrophomonas, and Brevundimonas agrees with other studies reporting these
bacterial genera as stress-resistant and commonly recovered from polluted environments (Guo et
al., 2023; Presentato et al., 2020; Senevirathna et al., 2022c). In soil enrichments, the transition
from early recovery of genera such as Pseudomonas, to the emergence of genera including
Microbacterium, Flavobacterium, Brucella, and Chryseobacterium at later stages suggests a
process of temporal succession during enrichment, where early fast-growing taxa are progressively
replaced by more persistent and stress-tolerant populations.

By contrast, sediment-derived enrichments displayed a more gradual and stable restructuring.
Instead of rapid dominance shifts, the enrichment process appeared to promote the progressive
establishment of persistent and environmentally adapted microorganisms. This difference likely
reflects the intrinsic characteristics of sediment systems, which are generally more stable and
selective environments compared to soils. The enrichment of genera such as Rhodanobacter and
Brevundimonas at later stages supports this interpretation. Rhodanobacter has been widely
reported in highly contaminated environments, particularly in metal- and nitrate-impacted
subsurface systems, where it is selected under strong chemical stress (Carlson et al., 2019).
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Similarly, Brevundimonas has been identified in polluted matrices, including wastewater and soils
exposed to organic contaminants, indicating its capacity to persist under chemically stressed
conditions (Q. Zhang et al., 2019).

With respect to PFAS-related adaptation, the literature provides the strongest evidence for
Pseudomonas, which has been repeatedly isolated from PFAS-contaminated environments and, in
some cases, shown the ability to interact with PFAS compounds through bioaccumulation or
transformation processes (Presentato et al., 2020). In contrast, for other genera identified in this
study, including Microbacterium, Flavobacterium, Chryseobacterium, Brevundimonas, and
Rhodanobacter, current evidence primarily supports their tolerance to contaminated conditions
rather than confirmed PFAS degradation. Their enrichment in this study is therefore more
appropriately interpreted as an indication of stress resistance and persistence under PFOA
exposure, rather than direct involvement in PFAS biotransformation.

The recovery of fungal genera such as Candida, Trichosporon, Galactomyces, Geotrichum,
Cyberlindnera, and Fusarium further indicates that enrichment conditions supported a fungal
component within the microbiome. These genera are commonly reported in contaminated
environments and are known for their tolerance to chemical stress and metabolic versatility
(Harms et al., 2011). However, as with bacterial isolates, direct evidence linking these fungi to
PFAS degradation remains limited. Their presence therefore reflects resilience under selective
conditions, with potential—but as yet unconfirmed—roles in PFAS-related processes.

Overall, these findings demonstrate that PFOA enrichment selectively favors cultivable microbial
communities composed of stress-tolerant and environmentally versatile taxa, with clear differences
between soil and sediment matrices. Soil enrichments showed a more dynamic changes, whereas
sediment enrichments exhibited greater stability and persistence of adapted taxa over time.
Together, these results highlight that enrichment under PFAS-related stress conditions promotes
microbial populations capable of surviving prolonged exposure, even though their direct role in
PFAS transformation remains to be fully clarified.

4.4 Utilization
4.4.1 PFAS Abatement by Enriched Microbiomes

A key finding of this study is the clear disparity between microbial persistence and PFAS
abatement. Although enrichment cultures remained viable during exposure, no significant removal
of PFOA or PFHxS was observed. This result is consistent with the well-documented recalcitrance
of long-chain PFAS under aerobic conditions, largely due to the strength of the C—F bond, which
limits microbial degradation pathways (Parsons et al., 2008). Therefore, the observed microbial
growth in the presence of PFAS is more appropriately interpreted as a response of tolerance and
persistence rather than evidence of compound utilization. The minor fluctuations observed in
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PFHxXS concentrations are more plausibly explained by physicochemical processes rather than
biodegradation. In particular, sorption of PFAS to biomass and particulate matter is a well-
established mechanism influencing apparent concentration changes.

Higgins & Luthy (2006) demonstrated that perfluorinated compounds, including PFOA, can
strongly associate with organic matter and solid phases in environmental matrices. This behavior
has been further supported by subsequent studies showing that PFAS partitioning to sediments,
sludge, and microbial biomass can contribute to apparent removal without actual degradation
(Ahrens, 2011; T. M. H. Nguyen et al., 2022). Taken together, these findings indicate that while
enriched microbiomes retained metabolic activity under PFAS exposure, this did not translate into
measurable PFAS transformation. Instead, the results highlight the dominant role of
physicochemical interactions and the inherent resistance of long-chain PFAS to microbial
degradation under the tested conditions.

4.5 Screening and Defluorination Experiments

The screening of the enrichment-derived isolates on PFOA-containing DM agar plates revealed
that only a few of the enrichment isolates could grow; these included Brevundimonas,
Chryseobacterium, Sphingobacterium, Geotrichum, and Candida. Genera like Candida, are
typically linked with polluted habitats (Q. Zhang et al., 2019). Although direct microbial
degradation of PFOA remains rare, several studies have reported the ability of specific
microorganisms to persist under PFAS exposure. For example, Wackett, (2022) discussed bacterial
taxa such as Pseudomonas spp. and related environmental isolates that can tolerate or interact with
PFAS compounds, including perfluorooctanoic acid (PFOA) and other perfluoroalkyl acids,
primarily through mechanisms such as bioaccumulation or limited transformation rather than
complete mineralization.

Similarly, Parsons et al. (2008) evaluated the biodegradability of fluorinated surfactants, including
PFOA and related perfluorinated carboxylates, and concluded that microbial growth observed
under such conditions reflects tolerance or co-metabolic processes rather than direct utilization or
degradation of PFAS as a carbon source. Taken together, these findings support the interpretation
that growth of the isolates observed in this study under PFOA exposure is indicative of tolerance
and persistence rather than evidence of PFAS mineralization or defluorination. For all the
fluorinated compounds tested, including the several PFAS and the fluoxetine (FLX)
pharmaceutical, no growth or fluoride release was observed when these compounds were supplied
as sole carbon sources, suggesting that direct growth was not supported under the conditions tested.

While FLX is not a PFAS, it bears C—F bonds, and it is a fluorinated pharmaceutical whose
environmental occurrence, persistence, and biodegradation have been well documented. Due to its
comparatively lower recalcitrance relative to PFAS, FLX serves as a suitable model compound for
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investigating microbial defluorination processes (Moreira, 2012). The increase in biomass,
decrease in FLX concentration, and release of fluoride observed in glucose-supplemented systems
provide strong evidence for co-metabolic transformation. In this case, FLX was not utilized as a
primary carbon source but was transformed incidentally through enzymatic activity sustained by
glucose. This behavior is characteristic of co-metabolism, where microorganisms degrade non-
growth substrates only in the presence of an additional energy source that supports metabolic
activity.

A similar mechanism has been described for chlorinated solvents such as trichloroethylene (TCE)
and chloroform, where microbial transformation occurs only when a co-substrate (e.g., formate or
methane) is available to sustain growth and enzyme production (Berkley et al., 1991). In such
systems, enzymes produced during primary metabolism act non-specifically on structurally
unrelated compounds, leading to partial transformation rather than complete mineralization. The
relevance of this comparison lies not in the similarity of the compounds, but in the shared
metabolic mechanism. In contrast, the co-metabolic transformation of PFAS remains highly
limited. Compounds such as perfluorooctanoic acid (PFOA) are extremely recalcitrant due to the
strength of the carbon—fluorine bond, which restricts enzymatic attack and prevents their use as
growth substrates (Cousins et al., 2020; Parsons et al., 2008).

Although some studies suggest that microorganisms may interact with PFAS under co-metabolic
conditions, these interactions are generally limited to partial transformation or bioaccumulation
rather than complete defluorination (Wackett, 2022). Taken together, these findings indicate that
the defluorination observed for FLX is driven by co-metabolic processes supported by an external
carbon source. However, the absence of similar activity for PFAS under the same conditions
highlights the fundamental difference between fluorinated pharmaceuticals and perfluoroalkyl
substances, emphasizing the extreme resistance of PFAS to microbial transformation even in
metabolically active systems.

This is consistent with expectations for the co-metabolic transformation of xenobiotics such as
chlorinated solvents (e.g., trichloroethylene), polycyclic aromatic hydrocarbons (PAHs), and
certain pharmaceutical compounds, which are not used as primary carbon sources but are
transformed incidentally during microbial metabolism (Murphy, 2016). Crucially, these findings
suggest that the isolates may possess only a conditional capacity to cleave C—F bonds. In agreement
with previous literature, perfluoroalkyl acids are not readily biodegradable because of the high
dissociation energy of the C—F bond and the intrinsic stability of their fluorinated carbon chain
(Parsons et al., 2008).

Future work should therefore explore conditions that may enhance transformation potential,
including comparisons between growing and resting-cell systems, evaluation of co-metabolic
regimes with different auxiliary substrates, and the application of more sensitive analytical
techniques to better distinguish between sorption and true biotransformation.

125



Chapter 5. Conclusions

The work presented here describes the first study on the analysis of stored microbiomes derived
from different PFAS-impacted environmental matrices. It provides a detailed assessment of the
structural and functional integrity of environmental microbiomes from PFAS-impacted soil and
sediment after long-term cryogenic storage, as well as their adaptation to PFAS selective pressure.
This research bridges community structure and functional potential through the integration of
metabarcoding, culturomics and biotransformation testing, connecting community ecology to
environmental biotechnology.

The results achieved evidence that cryogenic preservation affect mainly the vitality and metabolic
activities of the microbiome. In particularly, soil cryogenic preservation-maintained microbiome
viability and comparable metabolic activity for up to eight months of storage, whereas sediment
samples showed more consistent changes in microbial vitality and metabolism. Cryogenic
preservation at —80 °C with 30% v/w glycerol yielded different but complementary results between
culture-dependent and culture-independent analyses, demonstrating that both approaches are
necessary to obtain a comprehensive understanding of the microbiome. Metabarcoding and
clustering analysis showed no significant temporal clustering of samples.

On the other hand, a loss of culturable microorganisms and metabolic activity at a later time of
storage (12 months) was observed. These findings illustrate a critical aspect of microbiome
preservation: while the DNA molecule can be maintained, vitality and metabolic activity may
diminish over time. Thes findings underline the need for molecular and culture-based approaches
in assessing preserved environmental samples. When exposed to high PFOA concentrations
through enrichment cultures, the preserved microbiomes remain viable and responsive to chemical
stress. Successive changes in community structure were detected, suggesting a selection process
in response to PFAS.

The isolation of a variety of bacterial and fungi indicates that preserved microbiomes still have a
high functional and ecological versatility, despite prolonged storage. Despite the recovery of
PFAS-tolerant microbial communities and isolates, no evidence of PFAS biodegradation or
defluorination was detected under the tested conditions. This confirms the well-known
recalcitrance of perfluorinated compounds and the difficulty of achieving their transformation
through microbial processes. However, co-metabolic experiments using fluoxetine demonstrated
that selected isolates were capable of defluorination of simpler fluorinated compounds. This
indicates that while the necessary enzymatic potential for C—F bond cleavage exists, the structural
complexity and stability of PFAS likely require specific environmental or metabolic conditions to
enable transformation.
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Chapter 6. Final Perspective and Future Directions

Overall, this study demonstrates that cryogenic preservation with the addition of glycerol (30%
w/v) may be a reliable approach for maintaining environmental microbiomes as potential resources
for future biotechnological applications. Although direct PFAS degradation was not achieved, the
identification of stress-tolerant microbial taxa and their ability to transform model fluorinated
compounds provides a valuable basis for further investigation.

Future work should focus on metabolic studies to identify conditions that stimulate microbial
activity toward fluorinated compounds. In particular, the role of co-metabolism should be
systematically explored, as no additional carbon or energy sources were supplied alongside PFAS
in this study. The addition of suitable co-substrates, such as simple carbohydrates or organic acids,
may help induce otherwise unexpressed enzymatic pathways. Further research should examine
different physiological states of microorganisms, including comparisons between actively growing
cultures and resting-cell systems, and optimize culture conditions (e.g., incubation time, nutrient
availability, pH, and temperature) to detect slow or low-efficiency transformation processes.

At the community level, the development of defined microbial consortia may clarify interspecific
interactions and reveal cooperative mechanisms, while biofilm-based systems may enhance
microbial stability and metabolic activity. Advanced analytical approaches, such as LC-MS/MS
and target/non-target screening, will be essential to detect transformation products and distinguish
true biotransformation from sorption. Monitoring fluoride release alongside intermediate
metabolites will be critical to confirm defluorination pathways.

Subsequently, omics-based approaches can be applied to identify genes and pathways involved in
fluorinated compound transformation, particularly those associated with C—F bond activation.
Finally, translating these findings into environmental applications, including soil microcosms and
bioreactors, will be essential for developing effective PFAS bioremediation strategies. Together,
these directions will help bridge the gap between microbial persistence without detectable
transformation and practical PFAS remediation.
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